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ABSTRACT
Over the past 40 years, increasing demand for spinal cord injury (SCI) repair strategies has driven extensive research, yet critical

recovery mechanisms remain poorly understood. Key gaps include the temporary loss of spinal reflexes during spinal shock and

the dynamics of “injury potentials,” which spread rapidly from the impact site, similar to cortical spreading depression (CSD).

While traditionally spinal shock has been viewed as unavoidable, targeted interventions could potentially mitigate SCI pathology

and improve recovery. Additionally, immediate changes in brain circuitry post-SCI remain debated, with limited markers for

assessing early neuronal and glial damage. Early supraspinal biomarkers, including neuron-specific enolase (NSE), S-100β, and
microRNAs, may further refine injury severity assessments. The potential for spontaneous spinal circuit repair is often under-

estimated, yet molecular evidence suggests preserved interneuronal networks may support functional reconnections. Pediatric

SCIs show superior self-repair, highlighting unique plasticity mechanisms that could be leveraged for therapeutic benefit. While

in vivo models mimic human pathology, ex vivo neonatal rodent models allow continuous electrophysiological recordings of

spontaneous and evoked neuronal activity during SCI, revealing how lumbar locomotor circuits integrate afferent input post-

injury. Using an ex vivo neonatal SCI model, we demonstrate real-time network changes in the brain and spinal cord. Our model

enables modulation of the extracellular ionic environment and afferent stimulation. By integrating ex vivo models, molecular

biomarkers, and insights from early developmental stages, we can uncover novel mechanisms of an acute SCI or refine neuro-

modulatory strategies to promote recovery of functions.

1 | An Overview on Traumatic SCIs

A spinal cord injury (SCI) is a neurological condition resulting
from a damage to the spinal cord caused by either traumatic
events, such as falls, motor vehicle accidents, and acts of violence;

or non-traumatic factors, including tumors, degenerative

diseases, vascular disorders, infections, toxins, or congenital

abnormalities [1, 2]. However, the majority of SCI cases are

trauma-related, with an estimated global prevalence exceeding
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15million individuals [2]. A traumatic SCI can be viewed as a
degenerative pathology of the entire central nervous system
(CNS) triggered by an initial impact to the cord, from which
the damage spreads until it is finally halted by the formation of
a glial scar that encapsulates the main source of endogenous toxic
elements at the injury site, such as cellular calcium ions, excit-
atory amino acids, reactive oxygen species, and mediators of
inflammation. As a result, since mature mammalian species
have a poor ability to regenerate or repair their CNS after a
traumatic insult, an SCI often causes permanent sensory, motor
and autonomic deficits over the parts of the body innervated by
spinal neurons located below the level of injury. Hence, SCI
brings to a life-long paralysis that is likely worsened by additional
functional deficits and complications, such as autonomic dysre-
flexia, spasticity, and neuropathic pain, all of which significantly
impact the quality of life and may lead to secondary health dete-
rioration over time [3]. To date, paralysis cannot be cured, and
physical rehabilitation mainly aims at strengthening able mus-
cles to compensate for the loss of volitional motor control and at
facilitating activity-dependent plasticity with moderate yet prom-
ising results [4, 5]. Mobility aids, such as wheelchairs and
crutches, support the independent performance of daily tasks,
and are now being improved by advanced neuroprosthesis,
such as exoskeletons [6] and brain machine interfaces [7], which,
however, have added only minor functional advantages to date.

Some inconsistencies in existing literature become evident while
trying to define the timeline of “early” changes after SCI. Most
researchers agree on the subdivision of an SCI into primary and
secondary injury. The term primary injury refers to an initial trau-
matic damage, identified as the immediate vertebral column dis-
ruption or dislocation, and the related mechanical forces acting on
the spinal cord. The arbitrary time window of a primary injury lies
within the first 2 h following the lesion, when abrupt cellular death
and axonal disruption happen [1, 8]. After a few hours from the
initial impact, a cascade of pathological processes, collectively
termed secondary injury, develops. This phase exacerbates spinal
tissue damage with further cellular death, amplified to neighboring
segments through a plethora of pathological changes: intra- and
extracellular ionic deregulation, excitotoxicity, edema, ischemia,
and inflammatory response, to name a few [1, 9].

In this review, we will adapt the clinically justified subdivision of
injury into immediate, acute, and sub-acute phases [10] and focus
on the immediate consequences of SCI that contribute to primary
injury at its earliest stage. Moreover, while numerous studies have
addressed secondary processes such as inflammation, gliosis, and
long-term tissue remodeling, our focus is deliberately restricted to
immediate cellular and network-level alterations occurring within
milliseconds to hours post-injury, as we aim to provide a precise
and mechanistic understanding of the initial post-injury dynamics.

2 | Immediate Consequences of an SCI

2.1 | The Spinal Shock

Despite the growing body of evidence on the pathophysiology of
SCI, many events occurring during a physical trauma to the spinal
cord remain unexplored. Indeed, it remains unclear to what extent
the initial insult to the spinal tissue determines the magnitude of
the subsequent secondary damage, which eventually culminates

in neuronal death and functional deficits [9, 11–13]. Clinically, the
term spinal shock designates the immediate post‑injury phase in
which almost all reflex activity below the level of a SCI is tran-
siently abolished or markedly depressed. This temporary suppres-
sion of spinal reflexes constitutes a well‑established initial
consequence of SCI [14]. The term “spinal shock” was first intro-
duced by Hall [15] in 1840. The classical physiological definition
dates back to Sherrington’s “Address on the spinal animal,”where
he demonstrated that the abolition of reflexes after acute transec-
tion is not due to destruction of reflex pathways but to a temporary
depression of spinal excitability following loss of descending
inputs [16]. Depending on the reflex being considered for reap-
pearance, spinal shock can last from days to weeks. Sometimes,
spinal shock does not last more than 20–60min if monitoring the
recovery of the delayed plantar response, which usually antici-
pates the reappearance of other reflexes, as cutaneous, deep ten-
don, and bladder ones [17, 18]. On the other hand, the full
recovery of tibial H-reflex after SCI can take up to 3–4 weeks in
rats, 4–6 weeks in cats, and 12–16 weeks in humans [18, 19].

Although the spinal shock has been long known [20–22], hypotheses
regarding its underlying mechanisms and progression remain only
scattered [18]. Awider literature on neuronal pathophysiology after a
traumatic brain injury (TBI) suggests that the immediatemechanical
forces leading to the damage of cellular structures are of fundamental
importance to understand post-traumatic pathology [23, 24]. We
suggest that this might be true also for SCI. Interestingly, the first
pathological responses to a TBI are membrane disruption and the
loss of ionic homeostasis, which lead to a dysfunction of axonal
conduction [25, 26]. Analogously, during spinal shock, the transient
disappearance of reflexes has beenmainly attributed to the increased
efflux of potassium fromneural cells at the injury site, which hinders
axonal conduction in the white matter [27–30]. In addition, both the
sudden interruption of tonic input from descending fibers, and the
increased segmental presynaptic inhibition have been reported to
contribute to reflex suppression [27, 28].

In clinics, spinal shock is managed as a transient and inevitable
phenomenon that currently receives no specific treatment beyond
standard supportive care, such as hemodynamics and respiratory
stabilization, and surgical decompression [31–34]. However, pro-
viding targeted strategies to reduce the magnitude of spinal shock
might mitigate SCI pathophysiology and improve the fate of func-
tional recovery [35, 36].

2.2 | The Injury Potential

Experimentally, the course of a spinal shock matches the massive
and transient depolarization of the whole spinal cord, named
“injury potential,” which immediately follows the impact and
then spreads both rostrally and caudally from the lesion site
(Figure 1). At the injury site, several other mechanisms contribute
to the depolarization of neurons. First, mechanical membrane dis-
ruption results in the outflux of cations. Uncontrolled potassium
(K+) efflux results in extracellular K+ buildup. Increased sodium
(Na+) fluxes occur through dysfunctional channels, reversed activ-
ity of Na+/Ca2+ exchangers and failure of Na+/K+ ATPase due to
ATP deficiency. These mechanisms lead to the disruption of the
extracellular ionic balance and to the abnormal cations uptake by
surrounding cells [29, 37–40]. Secondly, a critical determinant of
neuronal excitability after SCI is the regulation of intracellular
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chloride concentration, which is primarily controlled by the oppos-
ing actions of the chloride co-transporters, KCC2 and NKCC1. Fol-
lowing SCI, a rapid downregulation of KCC2 in neurons below and
around the lesion site is accompanied by an upregulation or func-
tional dominance of NKCC1. This shift drives the chloride equilib-
rium potential (ECl) toward more depolarized values, thereby
converting normally inhibitory GABAergic and glycinergic trans-
mission into less effective or even excitatory synaptic actions. Such
alterations have been documented both in adult injury models [41,
42] and in neonatal rodents, where baseline KCC2 expression is
naturally low and the system is therefore particularly vulnerable to
perturbation [43, 44]. This compromised chloride homeostasis con-
tributes to enhanced motoneuron excitability, aberrant network
synchronization, and impaired integration of sensory inputs after
SCI. Moreover, dysregulation of KCC2/NKCC1 balance is a well-
established mechanism underlying neuropathic pain, as shown by
Coull et al. [45], who demonstrated that reduced KCC2 expression
in dorsal horn neurons leads to pathological GABA-mediated depo-
larization and mechanical allodynia. Further, an excessive concen-
tration of excitatory neurotransmitters in the biophase, glutamate
(Glu) in particular, sustains the depolarized state of neurons. Extra-
cellular glutamate accumulation is sustained both by the release of
Glu from local presynaptic and sensory neurons, and from primary

afferent fibers, as well as by the reduced clearance of Glu from the
synaptic cleft through glutamate transporters [46, 47]. The excess
Glu in turn binds to ionotropic NMDA and AMPA receptors of
neighboring neurons, causing prolonged receptor activation and
leading to a rapid influx of Ca2+ ions [48]. The increased availability
of Ca2 contributes to the alteration of neuronal excitability through
a SNARE-mediated vesicular release, and frequently initiates apo-
ptotic signaling cascades culminating in neuronal death [49]. Fur-
thermore, immediate massive depolarization caused by receptor
overactivation transiently drives voltage-gated Na+ channels from
the closed to the inactivated state. Since Na+ channels must repo-
larize to return from the inactivated to the closed state before
reopening, this leads to a temporary inability to generate action
potentials, a phenomenon termed “electrical silence” [50]. Addi-
tionally, the sustained opening of Glu receptor channels and other
ion channels increases membrane conductance, effectively reduc-
ing the neuronal input resistance. This reduction in input resistance
shunts incoming synaptic currents, further dampening neuronal
excitability [51, 52].

Following the initial neuronal depolarization, a wave of spreading
depolarization (SD) can arise and propagate through spinal tissue
or brain. For instance, in the cerebral cortex, this phenomenon is

Traumatic injury of the ventral
spinal cord at thoracic level
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FIGURE 1 | Omnidirectional propagation of a depolarizing wave throughout the CNS following traumatic spinal cord injury. (A) Schematic

representation of the whole CNS preparation isolated from neonatal pups. (B) Cartoon illustrating the spread of the depolarizing wave

(gray arrows) triggered by a traumatic thoracic impact delivered to the ventral spinal cord. The depolarization propagates in both rostro‑caudal and

dorso‑ventral directions, with maximal amplitude near the lesion epicenter and progressive attenuation with increasing distance. (C) Remote effects of

SCI on supraspinal structures. Following injury, neurons and glial cells release proteins (e.g., S100β, NSE), microRNAs, and signaling molecules

(e.g., HCN channels) into the extracellular space; these become detectable in blood, serum, or CSF and rapidly deviate from baseline levels, highlighting

their potential as early biomarkers of brain involvement after SCI. (D) Schematic representation of disturbances in fictive locomotor output during and

after the traumatic event, illustrating disruption and disorganization of locomotor patterns. (E) Time course of the caudal spread of the depolarization

wave from thoracic to lumbar spinal segments. Recordings from lumbar ventral roots L1 and L5 demonstrate the transient nature of the injury‑evoked

depolarization, with onset latencies of ~140 and 190ms, respectively. (F) Effects of traumatic injury on lumbar ventral root responses evoked by electrical

stimulation of dorsal roots (original data). The reduced response amplitude mirrors the depression of spinal reflexes characteristic of spinal shock

observed clinically.
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known as cortical spreading depression (CSD; [53, 54]), defined as a
slowly propagating (2–5mm/min in humans; [55]) wave of near-
complete depolarization of neurons and glia that disrupts normal
electrochemical gradients [37, 56, 57]. CSD is triggered, among
ischemia and other causes [58], by migraine [59] and TBIs [60].
The SD disrupts electrochemical gradients [37, 56, 57] and causes
extracellular K+ accumulation, that leads to a massive release of
glutamate from neurons, astrocytes, microglia, and vascular
smooth muscle cells [61–63]. In neurons, this results in swelling
and distortion of dendritic spines [50], which in turn impairs syn-
aptic function and contributes to decreased intrinsic excitability.
Astrocytes and microglia also depolarize and their depolarization
alters ion and neurotransmitter homeostasis, exacerbating excito-
toxic conditions. For instance in astrocytes, depolarization impairs
K+ buffering and reducesGlu uptake through excitatory amino acid
transporters (EAATs), leading to elevated extracellular K+ and Glu
levels [64]. Microglia, on the other hand, promotes the release of
pro-inflammatory cytokines and reactive oxygen species [65, 66].
These changes amplify excitotoxic stress and neuronal vulnerabil-
ity. Depolarization of vascular smooth muscle cells causes vasocon-
striction, affecting local blood flow and metabolic supply [67].
Similar SD-like waves and temporary rise in extracellular K+ con-
centrations occur in the spinal cord after SCI, as demonstrated in
rodent and amphibian models [68, 69]. These spinal SD-like waves
propagate at ~10–15mm/min and are initiated by abrupt increases
in extracellular K+ concentrations. During these waves, electrically
evoked potentials are transiently suppressed and recover only after
about 20min, suggesting a role in the temporary loss of reflexes seen
in spinal shock [69].When trauma affects the brain, CSDoriginating
at the impact site can propagate to upper spinal segments, reducing
excitability in motor pools and indicating interconnected cortical
and spinal SDs [69].

3 | Acute Consequences of an SCI on Remote
Regions of the CNS

Although extensive, the current literature on the acute and sub-
acute consequences of SCI provides limited evidence about the
immediate electrophysiological changes occurring in brain circuits
following SCI, but this is likely due to experimental constraints.
Acute changes in the brain after SCI remain a subject of debate,
with findings ranging from no cellular loss [70] to massive retro-
grade neurodegeneration [71, 72] with some evidence suggesting
more complex interactions [73, 74]. Interestingly, a detailed study
on sub-acute SCI inmice reported cognitive deficits and depressive-
like behaviors, associated with a reactive microglia and neuronal
loss both in the hippocampus and in the cerebral cortex [74]. How-
ever, no significant neuronal deathwas detected in the brain during
the first 2 weeks after SCI, suggesting that the behavioral changes
were secondary to late inflammatory processes.

Recent studies using brain-spine interfaces, neuromodulation, and
targeted rehabilitation protocols provided significant progress in
the role of supraspinal pathways in modulating spinal plasticity
and promoting motor recovery after SCI [75–77]. However, these
efforts have primarily focused on how descending cortical or brain-
stem inputs shape spinal circuit reorganization and motor output.
For instance, Bonizzato and colleagues demonstrated that closed-
loop brain stimulation can enhance locomotor recovery by reinfor-
cing corticospinal transmission. However, whether the initial

depolarization events and ionic disruptions that occur in the spinal
cord after injury can propagate retrogradely and impact supraspinal
structures has not been explored sufficiently. SCI has been shown
to initiate pathophysiological cascades that are not restricted to the
injury site. For instance, SCI can alter synaptic transmission in
supraspinal regions such as the sensorimotor cortex and thalamus
by disrupting the balance between excitatory (glutamatergic) and
inhibitory (GABAergic) signaling, leading to cortical hyperexcit-
ability and even irreversible axonal dieback in descending motor
pathways [78]. Beyond structural degeneration, SCI triggers mal-
adaptive central responses that can give rise to central sensitization,
a state in which neurons in the spinal dorsal horn and supraspinal
centers become hyperresponsive [79]. This involves increased excit-
atory neurotransmitter release, altered ion channel expression,
reduced inhibitory tone, and microglial and astrocytic activation
[46, 80–83]. These mechanisms contribute to exacerbating pain
signaling and potentially leading to hypersensitivity, neuropathic
pain, and spasticity [84]. These changes are not immediate or acute,
as they require several hours or even days to be consistently
detected and assessed. However, scattered electrophysiological
studies describe functional changes occurring in the cortical cir-
cuitry at least 30min after the spinal cord transection in rodents
[73, 85]. Changes in evoked cortical responses, represented by local
field potentials, suggest that a functional reorganization takes place
in the primary somatosensory cortex after SCI, although this data is
not, per se, sufficient to confirm that the immediate changes in
cortical neuron properties are caused by the disconnection from
the spinal cord. In a more recent study, the same group detected
the immediate alterations of the pattern of sensorimotor cortex
oscillations by performing continuous extracellular recordings dur-
ing a complete spinal transection [86]. Studies in anesthetized rats
indicate how the characteristic slow-wave activity across all layers
of the sensorimotor cortex is disrupted by a short period of sus-
tained depolarization occurring milliseconds after SCI, which is
followed by a restoration of slow-wave oscillations. Later on,
some layer-specific changes appear during extracellular registra-
tions of both spontaneous and evoked activities, highlighting a
net decrease in spontaneous activity and a higher network excit-
ability. Interpretation of this data may be biased by the potential
masking effect of anesthesia over some transient and subtle
changes in neuronal activity during spinal cord transection.

4 | Early Biomarkers in the Brain Might Trace the
Extent of an SCI

Quantifying biomarkers expressed in the brain immediately follow-
ing SCImay help refining current assessments of lesion severity and
clinical prognosis. While not yet routinely used, such measures
could enhance our understanding of individual variability in recov-
ery potential. Certainly, an extensive body of evidence exists regard-
ing the biomarkers in SCI and their diagnostic role [87–89].
However, they do not address what biomarkers could reflect SCI
in the brain. Somemarkers have been suggested to assess neuronal
and glial damage during the acute phase of SCI (Figure 1b). For
instance, the level of neuron-specific enolase (NSE), which is a
cytoplasmic glycolytic enzyme localized in neurons and neuroen-
docrine cells, significantly increases 55min after thoracoabdominal
cross-clamping in dog CSF [90] and after 2h in SCI rat model’s
blood serum and CSF [91]. S-100β, a calcium-binding protein local-
ized in the cytoplasm of astroglia and Schwann cells, supports
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neurite outgrowth and provides protection against oxidative stress
[92], as well as representing an early biomarker of lesion progres-
sion after brain or SCI [93, 94]. Notably, S-100β expression increases
in serum and SCF of SCI rats after 2h, reaches the peak at 6 h, and
decreases at 12h and even further at 24h after SCI [91]. Moreover,
S-100β levels are correlated with injury severity, as confirmed by an
ex vivo chemical model of SCI, where extracellular levels of S100β
in the spinal cord raised after lesions evoked by increasing concen-
tration of kainate (Figure 1d; [93]). As reviewed by Rodrigues et al.
[95], another potential marker for SCI in the brain is microRNAs.
These molecules can be obtained with a minimally invasive proce-
dure, for example blood sampling, and are highly specific to the
tissue collected, reflecting acute changes in the cellular machinery.
Mouse models of SCI indicate that levels of microRNAs 124a and
223, extracted directly from injured spinal cords, are altered after
SCI in a time-dependentmanner, over a period ranging between 12
h and 7 days. On the other hand, no research appears to have
explored levels of cortical microRNAs after SCI, such as miR-93,
miR-191, and miR-499, which have been proposed as markers for
TBI. Indeed, their levels in the serum rise within 48h after TBI,
which is clinically considered the acute phase. Additional data
suggests that other potentially predictive changes in microRNA
levels can be detected even earlier [96], such as the levels of serum
miR-425-5p and miR-21, which can be assessed 4–12h after TBI
and are strongly correlated with the outcome [97].

A recent study on depolarization and hyperexcitability in the cere-
bral cortex after axotomy suggests the involvement of hyperpolari-
zation cyclic nucleotide (HCN) -gated channels in the control of
neuronal hyperexcitability [98]. However, as Najemet al. [99]
emphasized, the timing of serum sampling relative to the injury
is crucial for accurately assessing its severity. Altogether, while
several candidate biomarkers show potential for reflecting SCI-
related changes in the brain, further research is needed to validate
their temporal profiles, specificity, and prognostic value in clinical
settings.

5 | Spontaneous Recoveries From SCI

Anecdotal observations described spontaneous functional recover-
ies in persons with SCI [100], typically plateauing around 16 weeks
post injury, with remarkable functional gains especially in case of
milder injuries [101].Notably, SCIs due to the lateral hemisection of
the spinal cord, lead to a temporary paralysis, but are often followed
by a spontaneous recovery of walking abilities both in mice and in
humans [102–106]. Spontaneous recoveries keep challenging the
consolidated view about the degenerative pathophysiological
mechanisms of an SCI and the negligible residual potential of the
cord to repair spinal circuits. Interestingly, several clinical trials on
therapeutic strategies for SCI have documented spontaneous func-
tional recoveries in subjects from placebo cohorts [101, 107, 108].
The likelihood of a neurological recovery greatly depends on the
retained neurological function below the level of injury, meaning
that a better-preserved function below lesion predicts a better out-
come. One clinically relevant feature is the zone of partial preser-
vation (ZPP), sublesional areas where motor or sensory function is
retained even in individuals classified as having complete injuries.
Often, significant spontaneous motor recoveries within the ZPP are
attributed to CNS plasticity rather than actual axonal regeneration
[109]. However, some parameters of ZPP, such as extent, precise

localization and borders, vary among individuals and are difficult to
determine. A consistent and detailed characterization of the ZPP
across subjects would offer multiple therapeutic advantages by
improving outcome prediction and guiding of personalized inter-
ventions and rehabilitation [7, 110, 111].

Spontaneous recoveries in supraspinal regions of the CNS have
been studied extensively in animal models. In rodents, the motor
cortex undergoes major structural changes after SCI, including
atrophy and degeneration of corticospinal projections [112, 113],
but also corticospinal sprouting [114, 115] and, in some cases, par-
tial reestablishment of corticospinal connectivity [114, 116]. For
example, in mice with cervical SCI, the motor cortex can restore
some output to the limbs, enabling partial recovery of skilled loco-
motion [117]. Chemogenetic silencing of spared CST neurons in
these mice significantly increased paw placement errors during the
ladder task, demonstrating that uninjured CST neurons are essen-
tial for spontaneous recovery. Moreover, species differences signifi-
cantly shape recovery. Mice show greater corticospinal plasticity
and faster restoration of function than rats, especially after incom-
plete lesions. After cervical SCI, mice can partially re-establish CST
output to limbs [117], whereas rats exhibit more limited spontane-
ous CST remodeling [118]. These differences arise from species-
dependent sprouting capacity, inflammation profiles, and astrocytic
responses. Recovery also depends strongly on lesion type and loca-
tion: thoracic contusions generally produce modest spontaneous
recovery, whereas cervical hemisections or dorsal hemisections
elicit more robust compensatory rearrangements. In contrast, lum-
bar injuries show limited spontaneous reconnection because long
descending fibers are relatively sparse at these segments. Nonethe-
less, intrinsic lumbar circuits retain the ability to undergo plasticity
and can still generate locomotor rhythmogenesis when appropri-
ately engaged [119].

Neuromodulatory systems, including serotonin, noradrenaline, and
glutamate, play an essential role in shaping the excitability of cen-
tral pattern generator (CPG) circuits. Serotonin and noradrenaline
robustly facilitate rhythmogenesis and motoneuron excitability,
enabling the lumbar cord to generate locomotor-like activity even
with greatly reduced descending control [120–122]. Glutamatergic
transmission provides the core excitatory drive required for CPG
oscillations [123, 124]. After SCI, these neuromodulators can help
stabilize network dynamics, enhance responsiveness to afferent
input, and support endogenous locomotor function in sublesional
circuits, contributing to spontaneous recovery of stepping
[125–127].

Endogenous repair processes also contribute to spontaneous
improvement after incomplete SCI. Early recovery during the first
days to weeks is shaped by metabolic and structural compensations
in spared tissue [128, 129]. Demyelination near the lesion can be
followed by spontaneous partial remyelination mediated by infil-
trating Schwann cells or activated oligodendrocyte progenitor cells
[130]. At the circuit level, functional improvement is supported by
sprouting of axonal branches, dendritic reorganization, and
strengthening of pre-existing synapses in surviving pathways
[1, 128].

Advanced genetic and transcriptomic tools have enabled high-
resolution profiling of cellular responses to SCI. Russ et al. [131]
compiled a comprehensive atlas of spinal cord cell types using
single-cell RNA sequencing, providing a foundation for
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mechanistic studies. Building on this resource, Matson et al. [132]
mapped molecular changes in cell populations after moderate tho-
racic contusion in mice, analyzing both the lesion site and the
sublesional lumbar cord. These studies have shown gene-
expression response within 1 day post-injury in microglia, while
neurons displayed transcriptional signatures of cellular stress and
plasticity only after 1 week. Notably, transcriptomic analysis iden-
tified a cluster of cells expressing regeneration-associated genes
(RAGs), including Atf3 and Sprr1a., and elevated Sprr1a expression
was confirmed in vivo in neurons located near the lesion. These
cells were likely spared spinocerebellar neurons and Shox2 (V2d)
interneurons, potentially capable of spontaneous remodeling
although definitive anatomical evidence of axonal regrowth is still
lacking. The identification of RAG-positive neurons aligns with the
concept that neuromodulation can promote functional reconnec-
tions through preserved interneuronal pathways [133–135], prom-
ising for enhancing volitional motor recovery.

6 | Traumatic Injuries to the Immature
Spinal Tissue

Pediatric SCIs account for 1%–10% of all SCIs [136] and show a
greater likelihood of a spontaneous functional recovery compared
to adults [137, 138]. Thus, investigating traumatic injuries during
development is compelling to clarify the unique pathophysiology of
neonatal SCIs and might also reveal the mechanisms behind the
greater chances of recovery. The developing spinal cord experiences
distinct direct and indirect forces and are exposed to different types
of traumas than adults [139, 140]. However, comparing pediatric
SCIs with those in adults may help reveal the mechanisms under-
lying the greater recovery often seen in pediatric cases and poten-
tially harness these mechanisms to benefit all individuals with SCI
[141]. Interestingly, pediatric SCIs experience a shorter spinal
shock, likely due to the immaturity of their descending tracts.More-
over, pediatric SCI compromises tonic inhibition from the brain
over spinal pathways in a milder manner compared to adults,
with a more contained depression of spinal network activity during
shock [142].

Compared to adults, neonatalmammals exhibit a superior ability to
self-repair [143, 144], particularly as for sprouting of growing neur-
ites [145–147].Moreover, it has been shown that rats that undergo a
spinal transection at P14 exhibit most of the fibers intact 5 weeks
later, including rubrospinal, vestibulospinal, and reticulospinal
tracts, demonstrating axonal regeneration [148]. Similarly, in
1-day-old cats, a spinal cord hemisection induced corticospinal pro-
jections to circumvent the lesion to restore motor functions: a phe-
nomenon that cannot be observed in adults [149]. Apparently,
development alters the acute pathophysiology of an SCI by worsen-
ing neuroinflammatory responses [150, 151]. Circuitry maturation
is also associated with a reduced trophic factor and cytokine secre-
tion, an impaired axon growth, and a diminished recruitment of
macrophages at the lesion site [152]. Both experimental and clinical
studies in animals and humans confirm that younger individuals
exhibit greater neuronal plasticity, including the ability to reorga-
nize neural pathways and promote axonal sprouting, leading to
improved neurological outcomes following SCI [138, 153–155]. Fur-
ther investigation is needed to elucidate the mechanisms behind
the pathophysiology of neonatal SCIs and the enhanced recovery in
children.

7 | Current Rodent Models of SCI: Strengths
and Weaknesses

Since its introduction in 1911 by Allen [156], the original weight-
drop impactor underwent various modifications that have been
implemented and validated for a widespread use in adult rodents
[157–159]. In vivo models of rodent SCI are widely adopted
for their affordability and resemblance of human pathology.
Another advantage is that SCI progresses faster in rodents, mak-
ing 4 weeks after injury sufficient to reach the sub-acute phase,
whereas larger mammals would require several months. Cur-
rently, rat is the most used model for behavioral assessments of
motor deficit after SCI, as it is functionally, electrophysiologi-
cally, and morphologically closer to humans. In particular, large
fluid-filled cystic cavities surrounded by glial scar tissue, closely
resembling the human pathology, are typically formed at the
injury site in rats [160, 161]. In contrast, such cavities are uncom-
mon in mice following experimental SCI. Instead, the lesion core
becomes filled with fibrotic scar tissue [162], with only occasional
microcystic cavitation reported under specific injury protocols
[163]. Moreover, mice are less robust to surgical procedures com-
pared to rats and are phylogenetically farther from humans.
Nonetheless, they remain indispensable for SCI research when
refined genetic manipulations are required. Larger mammalian
models, such as Yucatan minipigs, enable the use of clinically
validated technologies and enhance translational relevance in
spinal cord research [135, 164]. However, their use entails sub-
stantial financial and logistical demands, which currently con-
strain the feasibility of large-scale studies. Collectively, rat
preclinical models provide the best “cost-effectiveness” balance
for studying SCIs. Despite the significant advantages offered,
preclinical rodent models of SCI currently available do not fully
allow exploration of spinal shock and immediate transient
changes happening in the brain. Indeed, due to ethical concerns,
all in vivo models require animals to be completely anesthetized
before injury, hence moving away from the unpredictable nature
of clinical traumas. Indeed, anesthetics impact the progression of
a lesion, as the different drugs used can either worsen hypoxic
neuronal injury creating a transient hypotension [165] or, alter-
natively, act as a neuroprotector [166–168]. Significant neuropro-
tection, in terms of a mitigated cell death following excitotoxicity
and ischemia, is offered by common anesthetics, like barbiturates
and isoflurane [167, 169]. In particular, isoflurane delays precon-
ditioning against spinal cord ischemic injury through the release
of free radicals, as observed in rabbit models [170], and propofol
offers neuroprotection by reducing motoneuron loss against
kainate-induced excitotoxicity in the spinal cord [171]. Similarly,
ketamine, acting as a noncompetitive NMDA (N-methyl-D-
aspartate) receptor antagonist, has shown strong protective
effects against spinal cord ischemia and reperfusion injury and
has been effective in preserving antioxidant activity within spinal
cord tissues [172].

Additionally, in anesthetized in vivo models, the electrical interfer-
ence generated by the engine of currently available impactors, cov-
ers the low-amplitude electrical signals recorded from spinal
neurons at the time of the physical trauma. As a result, the earliest
injury potential recorded in fully anesthetized animals can only
occur after at least 4 min from the impact [173], missing all the
earliest electrophysiological signs of physical trauma.Moreover, the
required electrode repositioning after the trauma prevents accurate
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assessment of post-injury changes in spinal cord DC potential. This
limitation hinders the ability to track subtle shifts in electrical
homeostasis that may reflect early pathophysiological responses.
Furthermore, preclinical models of SCI are mainly restricted to
inducing dorsal SCIs, as accessing the ventral cord would require
highly invasive procedures involving temporary displacement of
thoracoabdominal organs. Due to the complexity and risk of such
interventions, replicating ventral SCIs, despite their high preva-
lence in clinical populations [1], remains impractical in vivo exper-
imental settings.

Conversely, ex vivomodels, despite lacking bloodflow and systemic
immune responses and being unsuitable for assessing long‑term
recovery, remain valuable tools for investigating the immediate
biomechanical consequences of trauma on the CNS. Crucially,
this approach eliminates the need for chemical anesthesia during
trauma induction, thereby reducing the risk of systemic cardiovas-
cular instability and avoiding anesthesia-induced network suppres-
sion or hypoxic neuronal damage [174–176]. Studies using stretch
[177] and shear strain paradigms [178, 179] have advanced our
understanding of axonal mechanobiology andmembrane deforma-
tion in cultured cells and organotypical or acute CNS slices. Various
preparations such as spinal cord strips, organoids, and organotypic
slice culture in rodents are widely employed to emulate compres-
sion [69, 180–182], weight drop [183, 184], transection [185], and
chemical injury [186]. In particular, isolated strips of white matter
from the spinal cord of adult guinea pigs have been adopted to
compare the early axonal responses following both, contusion
and transection injuries in vitro [187]. In this preparation, both
types of lesions evoke rapid depolarizing potentials that similarly
arise within seconds, regardless of the type of insult [187]. This is
not surprising considering that, even though contusion and tran-
section arise from distinct pathophysiological mechanisms, they
display a remarkably similar pattern of acute progression [188].
Indeed, by 4 days post‑lesion, neither behavioral outcomes nor
corticospinal signals differed among the injury models. A distinct
divergence in injury progression began to emerge only after
1 week across groups; however, severe contusions continued to
exhibit outcomes comparable to complete transection throughout
the entire sub‑acute observational period (3 weeks; [188]). Further-
more, highly reproducible ex vivo models of SCI have been devel-
oped using transverse or longitudinal cord slices from neonatal rats
to dissect both acute and secondary injury mechanisms with con-
trolled experimental precision [189]. Using ex vivo neonatal
reduced preparations provides significant advantages for investigat-
ing SCI across early developmental stages.

Despite their advantages, current ex vivomodels offer only cellular-
level access, at the expense of the physiological complexity inherent
in longitudinal propriospinal connections and supraspinal inputs.
This significant limitation can be partially addressed by employing
more intact CNS explants, provided that the technical challenges of
maintaining such structured preparations viable in vitro are over-
come. A significant advance in this direction was introduced by
Stirling and colleagues, who established an ex vivo en bloc cervical
spinal cord preparation and employed two-photon microscopy to
visualize real-time cellular and subcellular dynamics within white
matter, capturing acute axonal injury, axonal retraction, and mye-
lin degeneration, following a precisely targeted, laser-induced spi-
nal cord lesion [190].

8 | An Ex Vivo Model to Mimic Calibrated Impacts
to Neonatal Spinal Cords

The acute consequences of SCIs during early developmental stages
can be explored using neonatal preparations; however, only a lim-
ited number of studies have addressed this by adopting samples of
immature spinal tissue [150, 151, 191, 192]. Early foundational
work by the Vinay group was instrumental in establishing the
neonatal spinal cord preparation to study the acute and subacute
consequences of SCI [193, 194]. Using in vitro spinal cord prepara-
tions from neonatally transected rats, [193] demonstrated that com-
plete transection at the thoracic level produces an immediate
disruption of the lumbar locomotor pattern, including impaired
coordination and rhythmogenesis, yet these deficits are largely
reversible, revealing a remarkable capacity for rapid functional
reorganization in immature circuits. Complementary work by
Jean-Xavier et al. [194] showed that inhibitory synaptic inputs
onto lumbar motoneurons remain depolarizing for extended peri-
ods after neonatal transection due to altered chloride regulation.
This persistent excitatory action of GABA/glycine contributes to
motoneuron hyperexcitability and provides mechanistic insight
into early network dysfunction following SCI.

To study the immediate consequences of an SCI and avoid any tech-
nical constraints and side effects induced by anesthetics, we intro-
duced two standardized and calibrated ex vivo models of SCI using
neonatal preparations (Figure 2). A first ex vivo model consisted of
spinal cords isolated from neonatal rats (P0–P4), which can remain
functional in vitro for up to 48h. Here, a chemical insult mimicking
the secondary damage cascade was focally applied to few thoracic
segments (Figure 2a; [195–197]). The study revealed that a chemical
lesion evoked a large depolarization (around 1–2mV) spontane-
ously recoded from all spinal nerves, which started almost 2–3min
after the first toxic exposure and then propagated to rostral and
caudal segments. At the site of lesion, the secondary damage-like
event irreversibly suppressed synaptic transmission evoked by affer-
ent stimulation. However, spinal reflexes beyond the lesioned area
were still present, although transitorily halved. Despite the large
histological damage to the white matter at the site of injury, as
evidenced by a 52% reduction in myelin basic protein and a 66%
decrease inmature oligodendrocytes immunostaining [195], remain-
ing connections were sufficient for functional coupling among seg-
ments above and below the damage. Moreover, locomotor circuits
located in the lumbar enlargement below the level of the injury were
transiently impaired, albeit recovering 24h later if directly activated
by neurochemicals. On the other hand, when attempting activation
through DR stimulation trains, circuits failed to generate fictive loco-
motion, showing strong regional decoupling between afferent inputs
and locomotor networks. As a matter of fact, even strong DR stimuli
lost their ability to reset the cycle of an ongoing locomotor rhythm
elicited by neurochemicals.

More recently, a novel layout was devised using the entire CNS
[198, 199] isolated from rat pups (P0–P4) with DRGs intact, which
underwent a calibrated physical trauma at the tenth thoracic seg-
ment using an ad hoc created impactor (Figure 3; [200]). This tech-
nique provides unobstructed access to both dorsal and ventral
regions of the cord, enabling precise mechanical manipulation.
Moreover, the device’s low-noise design matched the stability of
the cord at the impact site, to ensure continuous and stable
electrophysiological recordings from multiple ventral roots during
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and after the impact, without any artifacts corrupting signal acqui-
sition. To our knowledge, no other electrophysiological system
currently allows real‑time monitoring of injury potentials in ex
vivo CNS tissue at the instant of mechanical impact. This new ex
vivo experimental platform also allows to finetune the extracellu-
lar ionic environment with very consistent injuries among ani-
mals. In addition, multiple segmental spinal reflexes are derived
through the precise afferent stimulation of dorsal roots (DR).
Using this setup, we quantified the immediate and massive depo-
larization following a physical insult to the spinal cord, and con-
tinuously tracked its propagation both caudally to the lumbar
enlargement and rostrally to brain structures (Figure 2b; [200]).
The study revealed a massive (5–7mV of amplitude) and rapid
depolarization evoked during the trauma starting only 150–200
ms after the onset of the mechanical compression. Injury poten-
tials then spread centrifugally from the injury site, sustained by an
extracellular dysregulation of ions, especially chloride. Notably,
both ascending and descending input traveling along the cord
underwent a complete functional interruption at the site of the

impact, with a net disconnection of spinal networks above and
below the injury, which resembled a severe complete SCI
(Figure 2b). The transient suppression of all spinal reflexes and
their recovery 30min after the trauma are reminiscent of the
spinal shock phase. Moreover, a remote dysfunction of lumbar
locomotor networks was observed for up to 3 h, despite the unaf-
fected morphology of lumbar motor pools.

Our neonatal SCI model, based on the entire ex vivo CNS, provides
unique access to the earliest injury-induced physiological changes
across virtually any CNS region, spanning multiple levels of com-
plexity, from systemic to cellular and molecular [94]. Our findings
highlight the rapid and region-specific alterations in cortical astro-
cyte populations following SCI. Notably, we observed a significant
reduction in the density of both S100β+ and GS+ astrocytes in the
primarymotor cortex as early as 25min post-injury, with no further
changes detected at the 2-h mark. In contrast, astrocyte density in
the primary and secondary somatosensory cortices remained
unchanged during the initial phase but showed significant altera-
tions 2h after injury. This spatiotemporal pattern of glial response
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FIGURE 2 | Distinct acute effects of two spinal cord injury models in neonatal rat preparations. (A) Upper panel: Diagrammatic representation of the

isolated neonatal rat spinal cord preparation perfused with 10mM KCl, showing intact and functional locomotor central pattern generators (CPGs) in

the lumbar enlargement. Middle panel: A focal traumatic injury to the ventral thoracic spinal cord (T10) is delivered using a high‑precision impactor.

Gray arrows illustrate the omnidirectional spread of the injury‑evoked depolarizing wave, which rapidly affects the locomotor CPGs. The depolarization

reaches the lumbar cord within 150ms after impact, as recorded from lumbar ventral roots. Lower panel: Chemical model of secondary injury. A focal

chemical insult is induced by a 1‑hour application of a toxic cocktail, mimicking key mediators of secondary damage, restricted between sealed barriers

around two spinal segments (T13-L1). This exposure produces extensive white‑matter damage at the thoracic level, with lower lumbar ventral roots

depolarizing within 3–6min from onset. (B) Schematic signal profiles of KCl‑induced depolarization in the intact preparation (upper panel), traumatic

injury–evoked depolarization (middle panel), and chemically induced depolarization (lower panel). Calibration bars indicate the average amplitude and

duration for each condition. (C) Schematized traces of fictive locomotion in intact (upper), traumatic (middle), and chemical injury (lower) conditions

during dorsal root stimulation with 2Hz pulse trains. Electrically evoked fictive locomotion is altered following traumatic impact (middle) and abolished

after chemical injury (lower). (D) Histological comparison of lesion‑site tissue following traumatic (upper; original data) and chemical (lower; adapted

with permission from Taccola et al., 2009, Eur. J. Neurosci.) spinal cord injuries. Sections show regions caudal to the lesion (“outside”) and within the

lesion core (“inside”), stained for NeuN‑positive neurons.
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closely parallels the propagation of SD from the spinal lesion site
andmay serve as a novel biomarker for assessing lesion severity and
predicting functional recovery.

Albeit our ex vivo approach is limited to neonatal tissue due to its
stronger survival, some research promotes the idea that adult SCIs
are followed by an increased brain plasticity that brings the senso-
rimotor cortex to a state similar to early development [201, 202].
Moreover, after SCI in adults, the remodeling of spines of cortical
neurons that project to the spinal cord indicates an increased plas-
ticity of synaptic connectivity, which is usually observed in the
immature CNS [24, 203]. These observations support the feasibility
of applying our neonatal ex vivo model to explore any transient
changes, even in the brain, in response to SCI.

Although the use of isolated spinal cord preparations to investigate
injury mechanisms may appear counterintuitive, given that the
procedures required for isolation introduce an initial insult, this
concern is mitigated experimentally. The dissection-related trauma
is minimized, and the tissue is subsequently allowed to recover for
nearly 2h prior to the experimental impact. This recovery interval
restores metabolic homeostasis and functional responsiveness, as
demonstrated in previous studies [199, 200]. Importantly, this
period ensures that the experimentally induced lesion is temporally
and physiologically distinct from any dissection-associated damage.

In addition, the time needed for both dissection and following
incubation in the recording chamber for a few hours challenges
neuronal excitability to a certain extent. Indeed, although the per-
fusing medium continuously provides an excess of glucose and
oxygen to the tissue, even the thin neonatal samplemay not equally
receive nutrition to all districts of the CNS, likely affecting excitabil-
ity of distinct areas [204]. However, our results demonstrated

optimal functional and histological preservation for up to 4–6 h
post-dissection, with neonatal samples exhibiting greater resilience
compared to 1-week-old explants [198, 199]. Besides their intrinsic
limitations, isolated preparations have been pivotal in deciphering
the functional organization of spinal networks [205–207] and still
represent a worthwhile benchmark in spinal neurophysiology [79].
The proposed experimental approach allows to further investigate
neuronal plasticity during development, even in association with a
calibrated injury.

In summary, our platform is not designed to substitute preclini-
cal models used for clinical translation, but rather to serve as a
strategic intermediary for testing foundational hypotheses on the
immediate impact of mechanical trauma to neural tissue. It offers
a rare opportunity to capture the early electrophysiological and
cellular events underlying spinal shock, a phenomenon often
overlooked in mainstream SCI research. While the use of neona-
tal tissue limits direct extrapolation to adult pathophysiology, its
superior viability in vitro enables high-resolution analysis and
opens a valuable window into the largely neglected domain of
neonatal SCIs [136].

9 | Conclusions

SCI research has advanced considerably over the past four dec-
ades, yet many aspects of its pathophysiology and recovery
mechanisms remain unresolved. The transient loss of reflexes
during spinal shock, the propagation of injury potentials, and
the early brain responses to SCI continue to represent critical
blind spots that limit therapeutic progress. Supraspinal biomar-
kers may improve early diagnosis, prognostication, and

ðAÞ

Impact at thoracic level
Recording injury-induced

depolarization at cervical level,
distal from the injury site

Impact

Latency

Impact

Latency

Recording injury-induced
depolarization at lumbar level,

proximal to the injury site

ðBÞ

FIGURE 3 | Schematic overview of the experimental platform enabling real‑time analysis of acute responses to spinal trauma. (A) The experimental

setup combines a low‑noise, high‑precisionmicro‑impactor mounted on amagnetic base with an ex vivo preparation of the entire central nervous system

(CNS), including intact dorsal root ganglia (DRGs), isolated from neonatal rats and continuously superfused with oxygenated physiological solution at

27°C. The micro‑impactor delivers a controlled vertical impact to the ventral surface of the T10 spinal segment. Impact parameters, including depth,

velocity, acceleration, and compression duration, are fully programable through dedicated control software, allowing highly reproducible and finely

graded traumatic injuries. The platform ensures stable, artifact‑free electrophysiological recordings both during the impact and throughout the

immediate post‑injury period. (B) Simultaneous extracellular recordings performed with miniature glass electrodes from cervical and lumbar ventral

roots at the moment of the trauma reveal injury‑induced depolarizing potentials. Latency increases with anatomical distance from the lesion site,

consistent with the schematic representation on the right illustrating the distance‑dependent spread of the depolarization.
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monitoring of interventions, and there is emerging evidence for
some of them, like NSE, S-100β, and microRNAs, to carry thera-
peutic potential. At the same time, molecular and electrophysio-
logical findings indicate that intrinsic spinal networks retain a
greater capacity for functional recovery than traditionally
assumed, as highlighted by pediatric cases and neonatal ex vivo
models. Taken together, findings from our two ex vivo models of
SCI in early development stages provide valuable insights into
the dynamics of acute damage progression, from the immediate
effects of trauma to the onset of secondary injury. Notably, two
consecutive depolarization waves follow spinal cord trauma. The
first injury potential is larger and faster, driven primarily by an
ionic imbalance propagating through the extracellular space. The
second wave is slower and longer-lasting, likely triggered by a
toxic over-release of glutamate. Between 25min and 24 h post-
lesion, locomotor circuits in the lumbar enlargement exhibit dis-
tinct level of dysfunction, particularly in integrating sensory
afferent input. These data support a critical “double-tap” mecha-
nism underlying acute SCI progression: the initial mechanical
trauma causes immediate structural damage and activates spared
neural and glial elements, including early-responding microglia.
However, this first wave of cellular defense is rapidly over-
whelmed by a second, delayed depolarizing insult, which exacer-
bates tissue damage and accelerates functional decline by
aborting endogenous repair strategies. This two-hit sequence,
captured with unprecedented resolution in our ex vivo CNSmod-
els, offers a compelling framework to understand the rapid dete-
rioration following SCI and highlights a narrow but actionable
window for early therapeutic intervention. Importantly, the
remaining spinal circuitry may still be exploited through targeted
activation [133], provided that the gray matter downstream of the
injury remains largely spared.
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