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ABSTRACT 

 

 

The possibility to perceive external stimuli from the surrounding environment to correctly interact 

with it has always represented a leading evolutionary drive for life as we know it today. The ancient sense of 

smell allows animals to locate food or mates and to escape from predators or hazardous, and it is dramatically 

important to control animal behaviour and survival. In most mammals, the main olfactory epithelium is the 

major intranasal system devoted to the discrimination of a plethora of chemical molecules called odorants.  

The main olfactory epithelium is located within the nasal cavity, and it is a specialized 

pseudostratified columnar epithelium composed of different types of cells population. The olfactory sensory 

neurons and the supporting cells are the most abundant cells that detect odorant and preserve tissue 

integrity, respectively. 

The mammals’ olfactory sensory neurons are small bipolar neurons with a round cell soma, a long 

and unbranched axon, and a dendrite that projects toward the apical epithelial portion. From the ending of 

each dendrite called knobs, several immotile cilia protrude in the mucus layer that covers the olfactory 

epithelium. In these fine structures take place the olfactory transduction that starts with the binding of an 

odorant to a specific odorant receptor. This binding switch on the Golf protein that in turn activates the 

adenylyl cyclase III. This produces an increase of ciliary cAMP that gates the CNG channels allowing the influx 

of sodium and calcium. The calcium eventually opens the calcium-activated chloride channel TMEM16B 

resulting into a chloride efflux that further contributes to depolarize the neuron.  

Recently, it is emerging that other proteins could modulate the olfactory signalling cascade 

interacting with the well-known transduction machinery. There is evidence that some members of the 

stomatin family have a high expression rate in the main olfactory epithelium. Moreover, the proteins from 

the stomatin family are involved in the modulation of ion channels and transporters, and in the transduction 

pathways of other sensory systems as well.  

Since it has been reported that the stomatin-like protein-3 (STOML-3) is highly expressed in the cilia 

of olfactory sensory neurons where the olfactory transduction takes place, we decided to investigate whether 

this member of the stomatin family could have a role also in the olfactory system signalling. To answer this 

question, we decided to take advantage of a well-characterized STOML-3 knock-out mouse model.  

Firstly, we assessed if olfactory sensory neurons from STOML-3 KO mice had defects in their cilia or 

an altered rate of proliferation, using immunohistochemistry. Moreover, we studied if the transduction 

machinery is disrupted by the STOML-3 deletion looking at the expression level of the adenylyl cyclase III, 

CNGA2, and TMEM16B channels by western-blot assay and immunostaining. Our analysis did not reveal 

morphological alterations in olfactory sensory neurons lacking STOML-3. Furthermore, performing whole-

cell voltage-clamp experiments, we recorded voltage-gated currents and resting membrane potentials of 

olfactory sensory neurons from STOML-3 KO mice, and we calculated their input resistance values. Again, we 

did not observe differences among olfactory sensory neurons from WT and KO mice. 

Extracellular recordings achieved with the loose-patch technique revealed that the spontaneous 

firing is significantly lower in olfactory neurons in which STOML-3 has been deleted. Then, we tested if 

STOML-3 affects the olfactory transduction stimulating the olfactory sensory neurons with IBMX and 

odorants. Loose-patch experiments demonstrated that the olfactory response is significantly shorter in 

olfactory sensory neurons from STOML-3 KO mice. Altogether, these results indicate that STOML-3 

contributes to the regulation of the olfactory signalling cascade. Other experiments are necessary to 

elucidate the role of STOML-3 in the olfactory system and to identify the molecular mechanisms underlying 

its activity. 



The supporting cells are tightly packed apically in the main olfactory epithelium above the layer of 

the olfactory sensory neurons. They have a columnar cell body from which several microvilli protrude in the 

mucus layer, while a thin basolateral process extends to the basal membrane. Several essential functions for 

preserving the tissue physiology have been ascribed to supporting cells: endocytosis, metabolism of 

toxicants, mucus secretion, regulation of the extracellular ionic composition, and phagocytosis of dead cells.  

By immunohistochemistry, our lab and others have recently reported that supporting cells of the 

olfactory epithelium express TMEM16A, a calcium-activated chloride channel. The TMEM16A channel is 

involved in the regulation of the extracellular ionic composition in many other epithelia, and it could play a 

similar role in the olfactory system.  

We firstly investigated if the TMEM16A expression is restricted to supporting cells from a specific 

portion of the main olfactory epithelium. Immunohistochemical results confirmed that TMEM16A is 

preferentially expressed in supporting cells from a portion of the epithelium close to the respiratory 

epithelium, although it is also expressed in supporting cells from the dorsal part of the main olfactory 

epithelium even if with a lower expression rate. Furthermore, I tested the functional expression of the 

channel performing whole-cell patch-clamp experiments in acute coronal slices of the mouse olfactory 

epithelium both in the transition and in the dorsal zone. I measured dose-response relations at different 

intracellular calcium concentrations, tested the ion selectivity of the currents, and used a specific inhibitor of 

the TMEM16A channel. I found out that supporting cells express calcium-sensitive chloride currents with very 

similar properties to those of the currents mediated by the native TMEM16A channels. Moreover, the 

amplitude of the TMEM16A mediated current is significantly smaller in the dorsal zone when compared to 

that from the transition zone, confirming the immunohistochemical experiments that revealed a higher 

expression of TMEM16A in supporting cells from the transition part of the epithelium. Moreover, I did not 

record any current activated by intracellular calcium in supporting cells from TMEM16A KO mice. Altogether, 

these results demonstrate that the TMEM16A channel is functionally expressed in supporting cells.  

It has been reported that supporting cells express P2Y purinergic receptors and that they have 

complex calcium signalling dynamics to a similar extent to that reported in glial cells. For these reasons, I also 

hypothesized that the TMEM16A channel could be involved in response to physiological stimuli in the 

olfactory system. Here, I showed that the external application of ATP leads to a PLC-mediated calcium release 

from the intracellular stores that is sufficient to trigger the activation of TMEM16A mediated currents in 

supporting cells. Future work will elucidate the physiological role of the TMEM16A channel in the main 

olfactory epithelium. 

To conclude, these works provided novel insights into two proteins expressed in the most abundant 

cell populations of the main olfactory epithelium. STOML-3 is highly expressed in the cilia of olfactory sensory 

neurons, and TMEM16A is highly expressed in a subpopulation of supporting cells located close to the 

transition zone with the respiratory epithelium. We showed that STOML-3 affects the olfactory transduction 

by increasing both the spontaneous firing and the duration of odorants-evoked responses. We have provided 

evidence that the TMEM16A channel mediates calcium-activated chloride currents in supporting cells upon 

activation of their purinergic pathway.  

All in all, the emerging picture from these results is that both STOML-3 and TMEM16A are important 

candidates for future investigations aimed to elucidate new aspects of the olfactory sensory transduction 

and the physiology of the olfactory epithelium.  
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INTRODUCTION 

1. The sense of smell: an overview 

The ability to sense and perceive chemical stimuli from the external environment – named 

chemosensation – is crucial for the survival of living beings. Locate foods and mating partners or escape from 

predators are just a few examples that highlight the importance of this ancient sense in preserving life 

(Mombaerts, 2004). Several species can discriminate among a plethora of structurally diverse molecules that 

influence behaviour and physiology (Ferrero and Liberles, 2010; Menini et al., 2004). In most mammals, this 

process takes place in the nasal cavity where volatile chemicals are detected by several intranasal systems 

(Menco and Morrison, 2003).  

The sense of smell is a complex process that starts with the binding of an odorant molecule – 

generally a small volatile organic compound – to a specific odorant receptor (OR). The olfactory stimuli 

released in the external environment are a complex mixture of several odorants (Pifferi and Menini, 2015). 

Indeed, for example, Ohloff (1994) reported that a rose emits more than 200 different types of volatile 

compounds. To match this large diversity of chemicals around 1000 ORs are expressed in the rat olfactory 

mucosa (Buck and Axel, 1991). This high number of ORs genes is consistent also in other mammals. However, 

the percentage of functional genes differs from species to species. Indeed, rodents have around 1000 – 1200 

functional genes, while primates, including humans, have only about 300 – 400 functional genes with the rest 

of the ORs sequences that are pseudogenes. The sub-genome of the olfactory system (OS) codifying for the 

ORs is by far the largest gene superfamily in a mammalian genome, and perhaps in any genome (Buck, 2000; 

Menco and Morrison, 2003; Mombaerts, 2004; Pifferi and Menini, 2015).  

The ORs are members of a G protein-coupled receptors superfamily, and they share a similar 

structure with seven hydrophobic membrane-spanning regions. The ORs are abundantly expressed in specific 

structures of the olfactory sensory neurons (OSNs) called cilia (Figure 1). In these sub-compartmentalization 

units are also located other members of the transduction machinery converting a chemical stimulus in an 

electric signal that results in the generation of action potentials, as described later (see chapter 2.6.4; Menini 

et al., 2004).  

 

 
 

Figure 1: Olfactory transduction pathway in the cilia of the olfactory sensory neurons. 

The olfactory transduction begins with odorant binding to an odorant receptor belonging the family of G-

protein coupled receptors. The activation of an olfactory-specific G-protein activates an adenylate cyclase. 
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The resulting increase in cyclic AMP and the subsequent influx of Ca2+ open ion channels that permit OSNs’ 

depolarization (image modified from  Mombaerts, 2004). 

 

Importantly, in situ hybridisation studies (Buck, 2000) and single-cell polymerase chain reaction 

analysis (Mombaerts, 1999) revealed that a single type of OR protein is expressed in each OSN, resulting in a 

better signal-to-noise ratio of the whole detection system (Mombaerts, 2004). One single odorant type could 

activate simultaneously different ORs. Vice versa, the same OR may be activated by several types of odorants. 

However, each specific odorant molecule can bind to only a unique combination of ORs. This combinatorial 

approach allows the OS to detect and discriminate among hundreds of thousands, if not millions of odorants 

(Buck, 2000; Menini et al., 2004; Mombaerts, 2004; Pifferi and Menini, 2015). Moreover, the OS can detect 

chemical molecules at very low concentration, and it can discriminate even small changes in the chemical 

structure of an odorant, being capable to distinguish the two different enantiomers of the same molecule 

(Pifferi and Menini, 2015). 

The axons of the OSNs from the nasal cavity project to second-order neurons (mitral and tufted cells) 

in the olfactory bulb (OB). Axons of OSNs expressing a given OR gene project to few specific synaptic units 

called glomeruli. OR-specific glomeruli show a roughly symmetrical arrangement between the two halves 

(medial and lateral) of an OB (Figure 2). Each odorant activates a unique and specific combination of glomeruli 

in the OB. The convergence of axons into glomeruli provides the anatomical organisation for functional 

integration of sensory information codified by a specific OR (Menini et al., 2004; Mombaerts, 2004; Pifferi 

and Menini, 2015).  

         

 

Figure 2: Glomerular organization of the olfactory bulb. 

Examples of OSNs expressing different odorant receptor genes (OR A, OR B, OR C, etc.). Neurons expressing a 

given OR are broadly diffuse along the dorsal–ventral axis in the nasal cavity. Each OSN projects to a specific 

glomerulus at corresponding dorsal–ventral zones in the OB, accordingly to its OR expression. Each 

glomerulus thus receives innervation only from OSNs expressing the same OR (image modified from DeMaria 

and Ngai, 2010). 

The glomeruli are the first relay station of the olfactory perception. Projections from the OB reach 

cortical neurons located in several anatomically distinct areas of the brain collectively named the primary 
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olfactory cortex, including the piriform cortex and the cortical amygdala. Moreover, each area of the olfactory 

cortex projects both to other cortical regions and the OB, allowing top-down modulation of these 

connections. Thanks to this neuroanatomical organisation, the olfactory perception is a highly regulated 

process that can interpret and integrate information from the binding of odorants to ORs with several other 

cortical processes, including learning, experience, expectations, attention, memory, and emotion (Chapuis 

and Wilson, 2011; Pifferi and Menini, 2015; Wilson, 2009). 
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2. The nasal cavity and the Main Olfactory Epithelium (MOE) 

The nose is a complex organ in the upper part of the respiratory system, and it is composed of several 

structures that cooperatively cover various important functions. In mammals, it represents the primary site 

of access for inhaled air in the respiratory apparatus. The nose efficiently filters, warms, and humidifies the 

inhaled air to avoid trauma and severe irritation process in the more delicate distal tracheobronchial airways 

and alveolar parenchyma of the lung. However, the nose is not only an efficient “scrubbing tower” for the 

respiratory tract (Cole, 1993), but plays a leading role as the principal organ for the sense of smell (Harkema 

et al., 2006). 

The odorants dissolved in the environmental air enter the nasal cavity during inspiration through the 

nostrils. This structure extends from the nostrils to the nasopharynx and is split into two symmetrical 

chambers with the same dimension by the nasal septum (Reznik, 1990). Several accessory structures are 

located in the nasal cavity: olfactory organs, nasopalatine ducts, nasolacrimal ducts, and paranasal sinuses 

(Alvites et al., 2018). In several mammals and especially in rodents, there are four olfactory organs (Figure 

3): the main olfactory epithelium (MOE; Menco and Morrison, 2003; Moran et al., 1982) is the largest 

olfactory organ and is responsible for the discrimination of a large number of odorants (Getchell, 1986; 

Mombaerts, 2004); the vomeronasal organ (VNO; Døving and Trotier, 1998) that is involved with the 

intraspecific communication phenomena associated with sexual behaviour and territorial marking (Wysocki, 

1979); the septal organ of Masera (Giannetti et al., 1995) that is thought to be part of a chemosensory system 

related to alert functions (Harkema and Morgan, 1996); and finally the Grüneberg ganglion (Storan and Key, 

2006) that could be involved in the mediation of panic‐like freezing behaviours in response to alarm signals, 

although its functions are still poorly understood (Liu et al., 2009). In humans, the principal organ responsible 

for smell is the MOE while it is unlikely that the other organs are present. However, in some individuals it has 

been found a rudimentary non-functional VNO (Døving and Trotier, 1998; Menco and Morrison, 2003). 

 

 

Figure 3: Olfactory organs in the murine nasal cavity. 

The mouse olfactory system consists of four subsystems: the olfactory epithelium (OE), the vomeronasal organ 

(VNO), the Grüneberg ganglion (GG), and the septal organ of Masera (SO). Sensory neurons of the OE, SO, 

and GG project to the main olfactory bulb (MOB), while vomeronasal sensory neurons make synaptic 

connections within the accessory olfactory bulb (AOB; image obtained from Ferrero and Liberles, 2010). 
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The anatomical characteristics of the nasal cavity influence the breathing patterns, since rodents are 

obligate nose breathers, due to the close apposition of the epiglottis to the soft palate. Indeed, 20% of the 

inspired air reaches the olfactory region in rats, while only 5-10% in humans (Alvites et al., 2018; Kimbell, 

2016; Pifferi and Menini, 2015). 

Despite relatively small differences among distinct species, several excellent reviews have reported 

the conservation of principles between insect, amphibian, and mammalian OS. The basic organisation of the 

OS is conserved among several mammals, and many important contributions have been made by cross-phyla 

comparisons (Treloar et al., 2010). For this reason, the experimental information obtained in laboratory 

animal models, especially in the mouse model, is likely to apply also to humans. However, within the 

limitations of this reference, this chapter will focus mainly on the largest organ of the nasal cavity deputed 

to odorants detection in mammals: the main olfactory epithelium (MOE).  

 

2.1 History 

The first accurate description of the vertebrate olfactory mucosa is ascribed to Schultze, in 1862. He 

proposed that olfactory cilia of the MOE were the endings of the olfactory nerves. Schultze's astute 

observations are still valid up to now, and they are supported by several studies set up over the course of the 

following 140 years. In 1922, Parker proposed that olfactory cilia contain the receptive elements responsible 

for the odorants’ detection, and he hypothesized that such cilia could increase the sensory surface area of 

the MOE. In 1847, Todd and Bowman described for the first-time glands in the lamina propria, and Kölliker 

named these structures Bowman’s gland, in 1858 (Menco and Morrison, 2003). 

After World War II, the huge developments into the electron microscopy field risen new possibility 

to study the cell structures. Thus in 1953, Engström and Bloom observed for the first time the human 

olfactory epithelium allowing to clarify the olfactory tissues’ architecture (Menco and Morrison, 2003). 

However, there has been an explosion of new scientific information on several aspects of the nose 

organisation at the macroscopic, microscopic, and molecular levels of analysis only in recent years. Several 

authors agree that olfactory research can be divided into two eras: before and after the discovery of ORs 

genes by Drs Linda Buck and Richard Axel in 1991, that started the molecular era of research into the chemical 

senses. Indeed, for this important milestone in the olfactory field, that boosted considerably our knowledge 

of how animals smell, Buck and Axel have been awarded the Nobel Prize in Physiology or Medicine in 2004 

(Harkema et al., 2006; Mombaerts, 2004). 

 

2.2 Development of the nasal cavity and MOE 

The OS is one of the sensory systems that develop earlier in the embryo. The MOE derives from the 

olfactory placodes. These structures are specialized areas of cranial non-neural ectoderm found in the 

rostrolateral regions of the head (Treloar et al., 2010). Also from the olfactory placodes, some mesenchymal 

cells migrate to differentiate in secretory cells or glial cells (Schlosser, 2006). Soon after the closure of the 

neural tube, in rodents, by E10/TS16 (Embryonic day 10 / Theiler Stage 16 (Theiler, 1972), Figure 4) the 

olfactory placode starts to thicken and begins to invaginate. This structure is named olfactory pit and is the 

beginning of the nasal cavity. At E11/TS18, the nostrils are formed and twelve hours later the nasal pit further 

invaginates into a more complex nasal cavity. At the same time, also the VNO invaginates further into a 

separate, distinct cavity. Thus, MOE and VNO can be distinguished (Treloar et al., 2010). 

During this period, the polarity of the OS changes dramatically. Initially, the placodes are laterally 

located on the embryo and they start to shift during the development process that originates the nasal cavity. 
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In the end, the nasal cavity shifts orientation from a rostro-lateral position to a more rostral location, until 

the nares form at the most rostral tip of the head (Treloar et al., 2010). 

       

 

Figure 4: Development of murine nasal cavity. 

At Thieler Stage (TS) 15, the olfactory placodes (shaded grey) are composed of a few cell layers thick located 

laterally. At TS16, the nasal pits appear after placodes invagination and they maintain a simple cuplike 

morphology until TS17. At TS18, a second invagination represents the initial formation of the vomeronasal 

organ. The arrows indicate the horizontal plane of the horizontal diagrams. Abbreviations: t, telencephalon; 

v, ventricle; np, nasal pit; p, placode; oe, olfactory epithelium (image modified from Treloar et al., 2010). 

 

2.3 Gross anatomy of the nasal cavity and MOE 

From cranial to caudal, we can identify four regions in the mature nasal cavity: the vestibule, the 

nasal valve or ostium, the main nasal chamber, and the nasopharynx. The main nasal chamber occupies most 

of the nasal cavity. Each nasal passage of this chamber is delimited by bone walls, and into it are located the 

turbinates or nasal concha. These turbinates are cartilaginous or ossified convoluted hook‐shaped structures, 

covered by the olfactory mucosa (Alvites et al., 2018; Eiting et al., 2014). Different species have a dissimilar 

degree of development of these structures, accordingly to their olfactory capacity (Figure 5; Andres, 1966; 

Mills and Christmas, 1990). Projecting into the airway lumen of the main chamber, the nasal turbinates 

increase considerably the inner surface area of the nose (Harkema et al., 2006). Marked differences in airflow 

patterns among mammalian species are mainly due to variation in the shape of nasal turbinates. Humans 

have three turbinates in their nose: the superior, middle, and inferior; while other animals can have more, 

indeed rodents have six to eight turbinates (Alvites et al., 2018; Menco and Morrison, 2003). Moreover, 

humans’ turbinates are relatively simple in shape compared to those from non-primate laboratory animal 

species (e.g., dog, rat, mouse, rabbit), that have complex folding and branching patterns (Harkema and 

Morgan, 1996; Harkema et al., 2006; Menco and Morrison, 2003; Mills and Christmas, 1990; Reznik, 1990). 

The human main nasal chamber is only about 5 to 8 cm long, and it is remarkably smaller in comparison to 

other mammals; however, thanks to turbinates and their branching pattern the surface area is around 150 – 

200 cm2, about four times bigger of the human trachea surface (Guilmette et al., 1989; Harkema et al., 2006). 
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Figure 5: Comparison of the nasal cavity from different mammals.  

The nasal septum has been removed to expose the nasal passage and turbinates. N = nasoturbinate; MT = 

maxilloturbinate; et and 1E–6E = 6 ethmoturbinates; Na and n= naris; nt = nasoturbinate; mx = 

maxilloturbinate; mt = middle turbinate; it = inferior turbinate; st = superior turbinate NP = Nasopharynx; HP 

= hard palate; OB = olfactory bulb (image modified from Harkema et al., 2006). 

 

2.4 Histology of the nasal cavity 

In the nasal cavity of several mammals are present four types of epithelia with high levels of 

specialization, distributed from the vestibule to the nasopharynx. They are composed of various subtypes of 

cells, and they are named squamous, transitional, respiratory, and main olfactory epithelium respectively 

(Figure 6; Uraih and Maronpot, 1990). The squamous epithelium is lightly keratinized and stratified, and it is 

primarily restricted to the nasal vestibule, the transitional epithelium is a nonciliated cuboidal/columnar 

epithelium located between squamous and respiratory epithelium mainly in the nasal valve, finally the 

respiratory or non-sensory, which is a ciliated pseudostratified cuboidal/columnar epithelium, and the main 

olfactory or sensory epithelium. The last two epithelia are the most abundant in the nasal chamber, covering 

the turbinates and the nasal septum (Kepler et al., 1995; Mery et al., 1994). All these mucous membranes, or 

mucosa, consist of two layers: the luminal surface epithelium and the underlying connective tissue of lamina 

propria. The olfactory lamina propria contains blood and lymphatic vessels, nerves, glands and mesenchymal 

cells (e.g., fibroblasts, lymphocytes, mast cells), embedded in a connective tissue matrix (Alvites et al., 2018; 

Harkema et al., 2006). 

 

MOUSE 
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Figure 6: Distribution of different epithelia within the mouse nasal cavity.  

Following the rostro-caudal axis, the four epithelia are: squamous, transitional, respiratory and olfactory 

epithelium (image obtained from Alvites et al., 2018). 

 

Almost all the luminal surfaces of the nasal mucosa, especially all the lumen in the main chamber, 

are covered by a continuous layer of mucus. The mucus is a watery, sticky material, and it is produced by 

mucous (goblet) cells in the surface epithelium and subepithelial glands in the lamina propria. The mucus 

layer has an important role in defending the respiratory and olfactory airways, filtering the inhaled air by 

trapping inhaled particles and certain gases or vapours. Depending on the nasal localization, the mucus 

moves at different speeds and direction, and it is propelled away from the synchronized beating of underlying 

cilia into the luminal surface (Harkema et al., 2006). It moves very slowly on the olfactory mucosa with an 

estimated turnover time of day, while on the respiratory epithelium its speediness is in the range of 1 to 30 

mm/min, and with a turnover time of about 10 minutes in the rat (Morgan et al., 1984). The mucus with the 

entrapped materials ultimately is moved distally to the naso- and oro-pharynx, and then it is swallowed into 

the oesophagus and cleared through the digestive tract (Harkema et al., 2006). 

 

2.5 Histology of the MOE 

The MOE is a specialized pseudostratified columnar epithelium with twice the thickness of the 

respiratory epithelium. The transition borders between these two types of epithelium are poorly defined and 

it is common to identify zones where the cell populations of each one are mixed (Chamanza and Wright, 

2015). The percentage of the nasal airway that is covered by MOE is the principal difference among animal 

species. It covers a much higher percentage in rodents than monkeys or humans. In rats, Gross et al. (1982) 

morphometrically determined that approximately 50% of the nasal cavity surface is lined by the MOE. In 

humans, the MOE has an average surface area of approximately 2–4 cm2, which is only 3% of the total surface 

area of the nasal cavity (Moran et al., 1982; Sorokin and Weiss, 1988). Mice, rabbits, and dogs are much 

closer to rats than primates with respect to MOE percentage in their main nasal chamber (Harkema et al., 

2006). 

Macroscopically, the MOE looks yellowish due to the presence of pigments in certain types of cells 

(Evans and Lahunta, 2013). Histologically, the MOE is primarily composed of four types of cells: olfactory 

sensory neurons (OSNs), sustainable or sustentacular or supporting cells (SCs), microvillous cells, and basal 
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cells. Basal cells are further divided into globose basal cells (GBCs) and horizontal basal cells (HBCs; Graziadei, 

1973), while the OSNs in mature and immature neurons. Their nuclei are aligned in the following order, from 

the apical surface to the basal lamina: SCs, microvillous cells, mature OSNs, immature ONSs, GBCs, and HBCs 

(Figure 7). Besides, Bowman's glands and respective ducts extend from the lamina propria to the MOE. In the 

MOE, SCs and Bowman's glands are the only cell populations involved in those processes deputed to preserve 

the tissue physiology, indeed since there are no goblet cells in this epithelium, they provide mucus secretion 

and xenobiotic enzymatic activity (Alvites et al., 2018; Harkema et al., 2006).  

 

Figure 7: Cell populations of the MOE. 

A- Section of the OE from tiger salamander stained with haematoxylin and eosin. Starting from the apical 

side: (M) mucus layer that cover the epithelium; (V) vesicles or knobs of the OSNs, (S) layer of SCs’ nuclei; (R) 

cell bodies of the OSNs; (B) basal cells’ nuclei distributed along the basal lamina and (BG) Bowman’s glands 

extending their ducts through the epithelium surface. 400x magnification (image obtained from Masukawa 

et al., 1985). B- Schematic drawing of a MOE section (image modified from Mombaerts, 2004). 

 

2.6 Olfactory sensory neurons 

The OSNs from the MOE have several important features that set them apart from other types of 

neurons of the central nervous system (CNS). First, since they sense and detect odorants normally dissolved 

in the air, they are exposed to the external environment (Harkema and Morgan, 1996; Menco and Morrison, 

2003; Morgan et al., 1984). Second, their axons project directly into the OB without synapsing in the thalamus 

(Haberly and Price, 1977; Price, 1973; Scott et al., 1980). Third, the OSNs can regenerate, and there is 

remarkable postnatal neurogenesis in the MOE even into old age (Altman, 1962; Brann and Firestein, 2014; 

Graziadei and Graziadei, 1979). Fourth, the ORs that they need to recognize odorants belong to the largest 

gene family in multicellular organisms, including humans (Buck and Axel, 1991; Glusman et al., 2001; Zhang 

and Firestein, 2002). Fifth, accordingly to the subset of ion channels expressed in their membrane, the OSNs 

have a really high value of input resistance in comparison with other neurons (Firestein, 2001; Kleene, 2008; 

Schild and Restrepo, 1998).  

 

 

 

 

A B 
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2.6.1 Histology 

The OSNs are slender and bipolar neurons interposed between the SCs, with a density of 106 per cm2 

in mammals. They have a round cell soma of 5 – 7 µm in diameter located within the lower two-thirds of the 

epithelium  (Farbman, 1994; Menco, 1980; Vollrath et al., 1985). The OSNs have a peripheral ciliated dendrite 

process that projects to the epithelial surface ending in a swelling called knob, or vesicle (Figure 8). The length 

of each dendrite varies a lot accordingly the position of the soma in the MOE (Moran et al., 1982; Morrison 

and Costanzo, 1990). The knobs extend usually above the MOE surface and have a typical diameter of 1 – 2 

µm. Several tight-junction complexes attach the dendrite to adjacent SCs, as well as SCs to other SCs, forming 

a transmembrane barrier, a feature in common with other epithelia (Menco, 1980; Menco and Morrison, 

2003). In mammals, several immotile cilia protrude from the knobs of the mature OSNs, on average 10 – 15, 

that radially project into the overlying mucus layer (Figure 8). Moreover, in most mammals, including 

humans, these cilia are about 50 µm in length, much longer than the non-sensory cilia of the respiratory 

epithelium, and have a diameter of 0.1 – 0.3 µm. However, they can reach a length of 200 µm in non-

mammalian vertebrates. Overlapping with cilia of neighbouring dendrites, Menco has estimated that the 

OSNs’ receptive surface increase by 25 – 40 -fold thanks to the ciliary apparatus (Menco, 1980; Menco and 

Farbman, 1985, 1992; Menco and Morrison, 2003). 

 

Figure 8: Histological details of OSNs. 

A- Micrographs of human MOE obtained with Scanning Electron Microscopy (SEM). Left: Side view of the 

MOE. The OSNs are characterized by a slightly prominent dendrite (scale bar, 10 µm). Right: Surface view of 

the MOE showing an olfactory knob with 8 cilia (scale bar, 1 µm Images obtained from Morrison and Costanzo, 

1990). B- Differential interference contrast image of an isolated frog OSN: c= cilia; d= dendrite; s= soma; a= 

axonal segment (scale bar, 10 µm; image obtained from Kleene, 2008).  

 

The phospholipid bilayer covering the sensory cilia has an estimated density of intramembranous 

particles of about 1000 – 2000 /μm2, about twice the value of motile cilia of respiratory ciliated cells. This is 

not surprising if we think that the ORs and all the transduction machinery are in the cilia of the OSNs, as 

confirmed from several fine structural, physiological and biochemical studies (Buck and Axel, 1991; Kleene, 

2008; Menco, 1980; Menco and Farbman, 1985, 1992; Menco and Morrison, 2003; Mombaerts, 1999, 2004; 

A B 
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Schild and Restrepo, 1998). A typical marker of mature OSNs is the olfactory marker protein (OMP), a low 

molecular weight cytoplasmic protein encoded by a small intronless gene (Buiakova et al., 1994; Farbman 

and Margolis, 1980; Graziadei et al., 1980; Keller and Margolis, 1975). It is involved in several important 

process, such as: olfactory transduction (Buiakova et al., 1996; Kass et al., 2013; Reisert et al., 2007), 

maturation of OSNs (Holl, 2018; Lee et al., 2011) and modulation of axonal targeting (Albeanu et al., 2018; 

John and Key, 2005). OMP has a labelling pattern rather evenly distributed throughout the cytoplasmic 

compartments, including cilia (Farbman and Margolis, 1980; Graziadei et al., 1980; Keller and Margolis, 1975).  

From the basal portion of each OSN a long, thin, unbranched, and nonmyelinated axonal process transmits 

information to the brain. These axons are the smallest in the nervous system with a diameter of 0.1 – 0.7 µm 

(Figure 8, B; Hill et al., 2004). The OSNs’ axons do not form a single olfactory nerve, but they constitute a set 

of small intraepithelial bundles, pass through the basal lamina, and then combine in larger fascicles (the fila 

olfactoria) that cross the cribriform plate of the ethmoid bone through small foramina to reach the OB. These 

nerve bundles are surrounded by specific glial cells called ensheathing or Schwann cells wrapping bundles of 

50-200 olfactory axons that form the olfactory nerve (Doucette, 1993; Lledo et al., 2005). Interestingly, ORs 

are also expressed in axons and axon terminals indicating that they may have a role also for correct axonal 

targeting to the OB (Dang et al., 2018; Feinstein et al., 2004; Imai et al., 2006; Mombaerts, 1999; Ressler et 

al., 1993; Zamparo et al., 2019). 

In the OB, the olfactory axons form synapses with second-order mitral and tufted neuronal cells in 

characteristic spherical neuropils called glomeruli (100 – 200 µm in diameter). Human glomeruli appear 

smaller (25 – 100 µm in diameter) and fewer in comparison with other mammals and are more widely 

dispersed in the OB (Mori et al., 2000; Smith et al., 1991). 

 

2.6.2 Passive membrane properties 

This paragraph reviews the passive electrical properties of the OSNs. Several studies measured the 

resting electrical properties of OSNs in various vertebrate and invertebrate species, reporting the values of 

capacitance, resting membrane resistance, and resting potential.  

The capacitance is in the range from 0.7 to 35 pF, and the smallest and the largest values have been 

reported in zebrafish (Corotto et al., 1996) and newt (Schild and Restrepo, 1998), respectively (Table 1). Thus, 

the membrane surface of OSNs is in the range between 70 and 3,500 μm2, assuming a standard value of 1 

μF/cm2  (corresponding to 1 pF/100 μm2; Schild and Restrepo, 1998).  
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Table 1: Value of capacitance in OSNs from different species (Data obtained from Schild and Restrepo, 1998). 

 

Patch-clamp experiments performed on OSNs often show a similar range of values of seal resistance 

and resting membrane resistance (Rm), between 1 and 40 GΩ. To avoid problems in the interpretation of 

data, it is therefore particularly important to distinguish between the concept of resting input resistance (Ri) 

and Rm.  In the patch-clamp whole-cell configuration, the Ri value is usually estimated using voltage clamp 

and applying a small electrotonic voltage pulse (Δu) to measure the asymptotic current shift (ΔI). Ri is 

obtained from the Δu/ΔI ratio and represents the combined resistance of Rm and seal resistance (Rseal), while 

the series (or access) resistance (Rs) of the pipette is negligible because it should be at least two orders of 

magnitude smaller than Rm or Rseal (Schild and Restrepo, 1998). Clearly, smaller is the ratio Ri/Rseal and better 

is the approximation Rm ∼ Ri. Cell-attached experiments reported values of seal resistances in the range 

between 1 GΩ (Kurahashi and Shibuya, 1989) and 53 GΩ (Lynch and Barry, 1989) for the OSNs. Taken into 

account this consideration, the true membrane resistance was estimated to be 4–6 GΩ in frog OSNs, resulting 

in a depolarization of 5 mV following a receptor current generation of just 1 pA (Kleene, 2008; Pun and 

Kleene, 2004). Moreover, it is reliable that the smaller mammalian OSNs have higher resistances. Indeed, the 

average resting resistance was estimated to be 26 GΩ in rats (Lynch and Barry, 1991). 

Several investigators reported a remarkably large range of the resting membrane potential in OSNs 

using the whole-cell configuration of the patch-clamp technique. The underlying zero-current potential 

recorded in this modality ranged between −90 mV (Frings and Lindemann, 1988) and −30 mV (Schild, 1989), 

as reported from Lagostena and Menini (2003). These broad difference might be explained by species 

heterogeneity and different conductances activated at rest (Firestein and Werblin, 1987; Schild and Restrepo, 

1998). However, correcting the resting membrane potential for the high value of input resistance in frog 

OSNs, it was found that the resting potential is no more negative than −75 mV (Pun and Kleene, 2004). In 

frog, the membrane at rest is mainly permeable to K+ ions and, to a lesser extent, to Na+ and Ca2+ ions (Pun 

and Kleene, 2004), while the contribution of  Cl− conductance is null or neglectable in OSNs from rat (Okada 

et al., 2000) or frog (Pun and Kleene, 2004). Unfortunately, it is not known which cellular compartments 

control the resting membrane potential since OSNs contact at least 3 different extracellular environments: 

the apical mucus layer, the interstitial fluid, and the basolateral fluid. Moreover, it is not well known the 

physiological ionic compositions of these compartments and of the OSNs’ cytoplasm since really few studies 

have analysed these aspects (Kleene, 2008). 

The membrane time constant is the product between the membrane resistance and the cell 

capacitance, and it was measured in OSNs from various species injecting current into OSNs’ membrane 

through a patch pipette. Since OSNs have really high value of membrane resistance, it is possible that in some 

species the time constant can be as long as ∼100 ms, while in those species in which the OSNs are much 

smaller the time constant can range between 40 and 60 ms (Schild and Restrepo, 1998). As nicely 

demonstrated by Lynch and Barry (1989), this implies that OSNs can be excited by very small receptor 

currents thanks to their high membrane resistance, but that the depolarization is relatively slow because of 

the long time constants.  

Altogether, these passive properties make the OSNs extremely sensitive, and the binding of a few or 

maybe only one molecule to few or maybe one OR can excite an OSN generating an odorant response and 

the underlying action potentials that will send the information to the brain. 
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2.6.3 Voltage-gated channels involved in action potentials 

This section reviews some biophysical properties of the conductances involved in the generation of 

action potentials in OSNs. 

 

A. Voltage-Gated Sodium Currents 

Following the binding of odorants in OSNs, the generation of a receptor potential initiates spike 

generation if the membrane potential reaches the firing threshold of Na+ channels. 

In some species, most of the voltage-gated Na+ current is insensitive to tetrodotoxin, whereas it is the 

opposite in other species. Moreover, the threshold for activation ranging from −60 mV to −30 mV (Figure 9). 

This variability could be species-dependent, or it could also be ascribed to a voltage drop either along the 

axonal compartments or across the pipette resistance. Moreover, the amplitudes of the Na+ currents vary 

considerably among species and, in some cells, Na+ current could not be measured at all. One possible 

explanation could be that the channels are primarily located in the axonal membrane, which is partially lost 

during preparation (Schild and Restrepo, 1998).  

 

Figure 9: Voltage-gated currents recorded in whole-cell patch-clamp configuration from an isolated mouse 

OSN. 

A- 20 ms voltage steps raging from –70 to +20 mV elicited the voltage-gated currents (holding potential of -

90 mV). B- Current–voltage relationship of the traces in (A) for the peak inward current (circles) or the 

sustained current at the end of the voltage steps (triangles; images obtained from Lagostena and Menini, 

2003). 

 

Recently, Bolz et al. (2017) reported that the Nav1.7 isoform is the most abundant subtype not only 

in the MOE but also in the VNO. Moreover, the Nav1.3 and Nav1.7 voltage-gated Na+ channels isoforms could 

be strongly involved in axonal propagation of action potentials as suggested from immunohistochemical 

evidence. Finally, these two channels likely play a major role in the developing MOE since they specifically 

change subcellular localization in OSNs during the first weeks of life. 
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B. Voltage-Gated Calcium Currents 

High-voltage-activated Ca2+ currents have been reported in OSNs from various species. Whole-cell 

patch-clamp experiments revealed that the amplitude of this current is relatively small and that the 

maximum current decreases with a time constant of ∼3 min (Schild, 1989). As observed in many 

preparations, it could be possible that this happens because of the diffusion between cytosol and patch 

pipette, and this phenomenon is called “washout” (Pusch and Neher, 1988).  

The current threshold activation ranges between −40 and −30 mV and the Ca2+ current have the 

maximum amplitude at ∼0 mV. However, the I-V relationship shifts to higher voltages in some studies, and 

that may depend on a higher access resistances or an elevated extracellular Ca2+ concentration (Schild and 

Restrepo, 1998). Thus, high-voltage-activated Ca2+ channels are primarily activated during the generation of 

action potentials, and the resulting Ca2+ influx could contribute to the repolarization phase activating K+ 

channels. Schild et al. (1994) have shown that these channels are mainly situated on the soma and the 

proximal dendrite in the frog OSNs using quantitative ratiometric Ca2+ imaging. However, the resolution of 

the method does not exclude other cellular compartmentalization in OSNs. 

Finally, in few species has been reported also a low-voltage-activated Ca2+ current. This current may 

set the threshold for action potential firing at more negatively values, speeding up action potential 

generation. This type of current might, therefore, be extremely useful in larger OSNs that have higher 

capacitance and longer membrane time constant (Schild and Restrepo, 1998). 

 

C. Potassium Conductances 

Repolarization of action potentials is achieved by the activation of mainly three different types of K+ 

conductances (Figure 9): a transient 4-aminopyridine-sensitive K+ current, a Ca2+-activated K+ current, and a 

slow delayed rectifier-like K+ current. All these conductances have been reported in OSNs from several 

species (Schild and Restrepo, 1998).  

The 4-aminopyridine-sensitive K+ current activates and inactivates rapidly, it activates at more 

positive potentials than those of voltage-gated Na+ channels reported in OSNs, and it contributes strongly to 

the repolarization phase of action potentials (Schild, 1989).  

In mouse OSNs, two types of Ca2+-activated K+ conductances have been reported: 130-pS, with 

voltage-dependent kinetics, and 80-pS, with voltage-insensitive kinetics, presumably corresponding to BK 

and SK K+ channels, respectively (Maue and Dionne, 1987). While in other species it is not clear which type 

of channels are responsible for the Ca2+-activated K+ current. Ca2+ influx through high-voltage-activated Ca2+ 

channels seems to play the major role in activating these K+ currents because the blockage of the high-

voltage-activated Ca2+ channels abolished the Ca2+-dependent conductances (Schild, 1989). These findings 

suggest that the Ca2+- activated conductances, or at least a major fraction of them, may colocalize with the 

high-voltage-activated Ca2+ channels (Schild and Restrepo, 1998). 

Slow delayed rectifier K+ channels may play a role in both repolarizations of action potentials and 

tuning of the resting and post-stimulus impedance. Thus, this channel may play an important role in tuning 

the refractory period (Firestein and Werblin, 1987; Schild, 1989). 

However, it is highly reliable that only a little small fraction of K+ channels are open at rest, and this 

results in an extremely high resting resistance and a correspondingly high sensitivity for the OSNs from 

different species. The few K+ conductances that are open at rest, presumably the inward rectifier and the 

delayed rectifier, would not be able to greatly contribute to the membrane repolarization because the inward 

rectifier is closed at depolarized voltages and the delayed rectifier has too small conductance. Thus, the 

repolarization is mainly achieved by transiently switching on the fast 4-aminopyridine-sensitive K+ 

conductance and the fast Ca2+-dependent K+ conductance (Schild and Restrepo, 1998). 
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2.6.4 Transduction pathway 

In the second half of the eighties, Trotier (1986) reported the first working hypothesis on the signal 

cascade of OSNs. He cautiously suggested that the odorant-activated response was mediated by a 

nonselective cation conductance and that it should be modulated by a diffusible cytosolic metabolite since 

there was a considerable delay (around two seconds) in the response. In the following years, Firestein, 

Kurahashi, and Gold laboratories independently confirmed the Trotier's hypothesis providing detailed 

analyses of the odorant-activated currents (Firestein and Werblin, 1989; Kurahashi, 1989; Nakamura and 

Gold, 1987; Schild and Restrepo, 1998). Later on, Kleene and Gesteland (1991) discovered that the “cation” 

current was actually a mixture of Ca2+, Na+ and Cl− currents. Nowadays, it is well known which are the main 

players of this process and all the steps that are involved in the olfactory response following a common 

pathway shared in several vertebrates (Figure 10, A).  

The transduction cascade takes place in the olfactory cilia, immersed in the mucus layer that covers 

the luminal surface of the MOE, and starts with the binding of an odorant to a specific OR protein (Buck and 

Axel, 1991). The OR isomerization, in turn, activates a guanosine triphosphate (GTP)-binding protein, called 

Golf (Jones and Reed, 1989). At this point, the GTP-bound Golf-α subunit dissociates from the β and γ subunits 

and triggers the activation of a type III adenylyl cyclase (AC; ACIII), that converts adenosine triphosphate 

(ATP) into cyclic adenosine monophosphate (cAMP; Figure 10, A; Bakalyar and Reed, 1990). Surprisingly, 

Reisert (2010) reported that different ORs display different constitutive activity with different levels of basal 

transduction activity and concomitant receptor current fluctuations that drive generation of action potentials 

even in the absence of odorant stimulation.  

The cAMP is a small and hydrophilic molecule that can rapidly diffuse into the ciliary compartment 

at the estimated velocity of 20 µm/s (Chen et al., 1999), playing a crucial role as the first “second-messenger” 

involved in the amplification of the olfactory transduction. Inside the cilium, a sufficient amount of cAMP 

gates the cyclic nucleotide-gated (CNG) channel, the first transduction channel in the OSNs (Figure 10, A; 

Nakamura and Gold, 1987). The native olfactory CNG channels are tetramer composed of 3 different 

subunits: 2 CNGA2, 1 CNGA4 and 1 CNGB1b (Bönigk et al., 1999; Zheng and Zagotta, 2004). The CNG channels 

generate a depolarizing nonselective cationic inward current that transiently increase the intraciliary Ca2+ 

concentration, the second “second-messenger” of the signal cascade amplification.  

If sufficient Ca2+ accumulates, it opens the TMEM16B channel, a Ca2+-activated Cl− channel (CaCC) 

that is the second transduction channel (Figure 10, A; Billig et al., 2011; Kleene and Gesteland, 1991; Pifferi 

et al., 2009; Sagheddu et al., 2010; Schroeder et al., 2008; Stephan et al., 2009). The presence of a Na+-K+-

2Cl− cotransporter, NKCC1, maintains a high Cl− concentration inside the cilia (Kaneko et al., 2004; Reisert et 

al., 2003, 2005). Indeed, Reuter et al. (1998) found that the Cl- concentration is about 70 mM in the knobs of 

rat OSNs and around 55 mM in the mucus layer. Therefore, the TMEM16B channels activation allows an 

efflux of Cl− that further depolarizes the neuron. Up to 90% of the receptor current is due to the Ca2+-activated 

Cl− conductance in rodents (Figure 10, B; Boccaccio and Menini, 2007; Reisert et al., 2005).  
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Figure 10: Transduction cascade in the cilia of OSNs. 

A- The transduction cascade starts with the activation of the olfactory receptor (OR) by an odorant in the cilia 

of an OSN. A series of events (indicated by green arrows) eventually lead to the generation of action potentials 

firing that is sent to the OB in the brain. A series of negative feedbacks (indicated by red arrows) restore the 

ciliary homeostasis to resting levels (Golf = olfactory G protein; CNG = cyclic nucleotide-gated; NCKX4 = 

Na+/Ca2+/K+ exchanger 4; PDE1C = phosphodiesterase 1C; AC3 = adenylyl cyclase 3; image obtained from 

Dibattista et al., 2017). B- Transduction current recorded from a mouse OSN following photorelease of caged 

cAMP (in black). The Ca2+-activated Cl− current constitutes up to the 90% of the transduction current. In grey 

the transduction recorded from the same OSN after the blockage of the Cl- channel by the application of 

niflumic acid. C- Expanded timescale of the same experiment in (B) (Images obtained from Boccaccio and 

Menini, 2007). 

 

Importantly, the olfactory cilia not only greatly increase the OSNs surface area, and consequently the 

probability of interaction with odorants in the mucus (Menco, 1980; Menco and Farbman, 1985, 1992; Menco 

and Morrison, 2003), but rather they absolve to another important function. Indeed, enhancing the ratio 

between the ciliary membrane surface area and the intraciliary cytoplasmatic volume even a small change in 

the number of ions within the intraciliary lumen can terribly affect the ions’ concentration, producing a 

pronounced depolarization (Getchell, 1986; Lindemann, 2001; Lowe and Gold, 1993; Reese, 1965). For this 

reason and the high OSNs membrane resistance, even the binding of few odorants molecules to an OR can 

produce a transduction current that generates action potentials (Kleene, 2008; Lindemann, 2001; Schild and 

Restrepo, 1998). This explains why the OS has really high detection capabilities with a very low threshold of 

activation. Indeed, humans can perceive ethyl mercaptan at the very low concentration of 1 part in 2.5 billion 

parts of air (Whisman et al., 1978), and it is added on purpose to odourless natural gas to recognize escaping 

gas. 

Several mechanisms are involved in the termination of the response. Two different 

phosphodiesterases (PDEs) isoforms,PDE1C in the cilia (Cygnar and Zhao, 2009) and PDE4A in the other OSNs 

A B 
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compartments (Yan et al., 1995) hydrolyse cAMP into AMP (Borisy et al., 1992) and strongly reduce the 

amount of free cAMP (Figure 10, A). However, only knockout mice for both PDE1C and PDE4 show olfactory 

impairments such as a slower response termination after short odorant stimuli and a smaller adaptation in 

response to long stimulation (Cygnar and Zhao, 2009). Moreover, it is possible that even a simple diffusion 

of cAMP from the cilia is sufficient to allow a rapid response termination (Chen et al., 1999). However, 

another important player in the termination of the olfactory response is Ca2+. The intraciliary Ca2+ extrusion 

is mainly due to the activity of the ciliary potassium-dependent Na+/Ca2+ exchanger 4 (NCKX4; Figure 10, A; 

Stephan et al., 2012) Moreover, mitochondria in the dendritic knob cooperatively contribute to Ca2+ dynamics 

modulation inside the OSNs cilia. (Fluegge et al., 2012) 

Furthermore, extracellular Ca2+ and Mg2+ passing through CNG channels reduce the influx of more 

permeant  Na+ or K+ in a voltage-dependent fashion by open-channel block (Frings et al., 1995; Zufall et al., 

1991, 1994). On the other hand, elevated cytoplasmic Ca2+, together with one or more Ca2+-binding factors 

such as Ca2+–calmodulin, plays a strong inhibitory feedback modulation on CNG channel activity that reduces 

the channel sensitivity to cAMP (Kramer and Siegelbaum, 1992; Pifferi et al., 2006; Reisert and Zhao, 2011; 

Song et al., 2008; Trudeau and Zagotta, 2003). This mechanism is relevant for an extremely important 

physiological process called adaptation (Kurahashi and Menini, 1997). After a prolonged odorant stimulation, 

despite the continued presence of the stimulus, the receptor current decreases with time and in case of 

repeated stimulation, if the interval between the pulses is sufficiently short, the amplitude of the second 

pulse is reduced (De Palo et al., 2012; Kleene, 2008; Kurahashi and Menini, 1997). This adapted state allows 

a cell to work over a broad range of stimuli and to reset the OSN to discriminate higher odorant 

concentrations without saturating the transduction process (Kleene, 2008; Pifferi et al., 2010). 

 

2.7 Supporting cells 

Together with the OSNs, SCs are the most abundant cell population in the MOE, and they work as 

both epithelial and glial support cells. Indeed, as epithelial-like cells, sustentacular cells are involved in 

secretion (Menco and Morrison, 2003), endocytosis (Bannister and Dodson, 1992), and metabolism of 

toxicants (Dahl, 1988). The close association between SCs and OSNs suggest that they may function as glial-

like cells insulating physically and chemically the OSNs (Breipohl et al., 1974), actively mediating phagocytose 

of dead cells (Suzuki et al., 1996), and regulating the extracellular ionic environment (Getchell, 1986). 

 

2.7.1 Histology 

SCs are elongated columnar non‐neuronal cells that span the entire thickness of the MOE, from the 

airway surface to the basal lamina. Like OSNs, supporting cells exhibit a cellular polarity, with their width cell 

body in the apical part of the epithelium and a thin cytoplasmic foot-like process that ends in an end-foot 

attached to the basal lamina (Figure 11, A). Their oval elongated nuclei are the most apically located, and are 

aligned in a single row along the MOE (Menco, 1980; Menco and Morrison, 2003). The apical surfaces of SCs 

are lined by several long microvilli that extent into the mucus layer intermingling with the thin cilia of the 

OSNs (Figure 11, B; Andres, 1966; Morrison and Costanzo, 1990).  
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Ultrastructural observations have shown differences between SCs and the columnar mucus secretory 

goblet cells of the respiratory epithelium. Indeed, SCs contains a rich supply of organelles in their apical 

cytoplasm that become scarce basally suggesting that they may be involved in releasing materials in the 

mucus and/or absorbing substances from the mucus (Figure 11, C; Bannister and Dodson, 1992; Moran et 

al., 1982). Their supranuclear cytoplasm has abundant smooth endoplasmic reticulum and xenobiotic-

metabolizing enzymes (e.g., cytochrome P-450, flavin-containing monooxygenases, N-acetyltransferases), 

thus it is thought that, together with Bowman's glands, SCs are involved in the metabolism of xenobiotic 

compounds. Importantly, SCs of the MOE show a specific expression pattern of ubiquitin-positive membrane 

array in their supranuclear region after excessive odorants exposure (Carr et al., 2001; Chen et al., 1992; Dahl 

and Hadley, 1991; Genter, 2004; Menco and Morrison, 2003).  

 

Figure 11: Cytology of olfactory sustentacular cells. 

A- Typical morphology of SCs showed by the staining with Cytokeratin 8. B- Double staining of Cytokeratin 8 

and the marker of microvilli ezrin. Cells nuclei stained by DAPI (scale bar, 5 µm; images modified from Maurya 

et al., 2015). C- Heterogeneous dark vesicles and organelles normally present in the supranuclear regions of 

SCs: O= OSNs; S= SCs. (scale bar, 5 µm; image modified from Menco and Morrison, 2003).  

 

Densities of membrane-associated particles are considerably higher in the apical portion of SCs in 

comparison with OSNs, and several lines of evidence suggest that SCs could maintain a water and salt balance 

in the mucus. As a confirmation of this hypothesis, aquaporin-4 and amiloride-sensitive sodium channels 

have been found in the lateral membranes and in the microvilli of these cells, respectively (Lu et al., 2008; 

Menco, 1980; Menco et al., 1998). 

Scanning microscopy has shown many fine cellular extensions that allow SCs to interact with other 

cells forming multiple contacts with OSNs throughout the epithelium (Breipohl et al., 1974; Morrison and 

Costanzo, 1990). SCs are closely associated among themselves and with the OSNs at several levels of the 

membrane. Indeed, several desmosomes and cell junctions can be identified between SCs and the dendrites 

of OSNs, and between multiple SCs as well (Menco, 1980; Menco and Morrison, 2003). Immunohistochemical 

analyses in the mouse MOE have shown connexin-43 immunoreactivity at discrete points on the membranes 

of adjacent SCs with a similar expression level both in new-born and in adult mice (Miragall et al., 1992). The 

connexin-45 expression has also been detected in the subapical region of the mouse MOE where the cell 

bodies of SCs are located (Zhang and Restrepo, 2002). This suggests that gap junctions in SCs of the mouse 

MOE may be composed of either connexin-43 or connexin-45 subunits or a combination of both (Martinez 

et al., 2002).  

A B C 
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2.7.2 Passive membrane properties 

Only a few studies, reviewed in this chapter, examined the electrical properties of SCs from different 

vertebrates. 

Stable intracellular potentials were recorded from in vitro preparations of SCs from the salamander 

olfactory epithelium, and the mucus layer potential was taken as a reference. Masukawa et al. (1983) were 

the firsts to study the electrophysiological profile of a cell type population that accordingly its superficial 

location in the salamander olfactory epithelium resembled the glial-like SCs. The authors reported that these 

cells did not discharge action potentials but had high resting membrane potential (-50 to -104 mV) and 

relatively low input resistance. These cells showed opposite features to those of a second population of cells 

that had resting membrane potentials of -24 to -52 mV, high input resistances, and were capable to fire action 

potentials. The second type of cells had an intermediate location within the olfactory epithelium and 

presumably were OSNs. In a subsequent study Masukawa et al. (1985) used a lucifer yellow injections assay 

to visualize the cell type and could identify: a population of SCs characterized by a high resting potential of -

95 ± 13 mV, a low input resistance of 9 ± 20 MΩ, and not capable to discharge impulses, either spontaneously 

or after current injection; and a population of OSNs with a lower resting membrane potential of -50 ± 15 mV, 

a higher input resistance of 219 ± 92 MΩ, and capable to generate action potentials.  

One year later, Trotier and MacLeod (1986) reported that neither spontaneous nor evoked spike 

activities were recorded in SCs from an in vivo preparation of the salamander olfactory epithelium. Moreover, 

salamander SCs had a high resting potential of -96 ± 10 mV and low input resistance of 15 ± 12 MΩ, similar 

values to those reported by Masukawa et al. (1983, 1985). 

Patch-clamp recordings on SCs were obtained from slices of the frog olfactory epithelium by Trotier 

(1998). Cell-attached single-channel recordings indicated that the intracellular potential was -68 ± 7 mV while 

it was -67 ± 4 mV in whole-cell conditions using Ringer’s solution (in mM: NaCl 110, KCl 4, CaCl2 2, MgCl2 1, 

HEPES 10 and glucose 11) in the bath and a KCl based intracellular solution (in mM: KCl 100, MgCl2 1, HEPES 

10, EGTA-Na2 1.25 and CaCl2 1). The input resistance was 32 ± 14 MΩ, indicating a high membrane 

conductance at rest. The existence of electrical coupling between SCs was found by replacing KCI in the 

pipette with CsCl together with the application of octanol, a gap-junction blocker.  

Whole-cell patch-clamp experiments on SCs from acute slices of the mouse MOE were performed by 

Vogalis et al. (2005a). They reported that mouse SCs of the MOE have on average an apparent cell 

capacitance of about 18.5 ± 0.5 pF and input resistance of 160 ± 11 MΩ, values that are far from those of the 

OSNs in which they measured 4.4 ± 0.4 pF of capacitance and 664 ± 195 MΩ of input resistance, respectively. 

When corrected for a seal resistance of 1 GΩ, these mean membrane resistance values were increased to 

190 MΩ and 2 GΩ in SCs and OSNs, respectively. SCs had resting potentials ranging between -30 and -50 mV 

and were not excitable at their normal resting potential. 

SCs showed a resting leak conductance that was permeable to monovalent cations and anions and 

was largely inhibited by substitution of external Na+ with NMDG and by internal F− with gluconate. This resting 

leak conductance deactivated up to 50% at potentials negative of −70 mV and was inhibited by 18β‐

glycyrrhetinic acid (20 μM) a specific gap-junction blocker (Figure 12; Davidson and Baumgarten, 1988). 

Application of 18β- glycyrrhetinic acid also elicited a 3.5-fold increase in the input resistance of SCs, from the 

averaged value of 187 ± 10 MΩ in SCs bathed in Ringer’s solution to 656 ± 37 MΩ in SCs incubated with the 

blocker. SCs are electrically coupled by junctional resistances on the order of 300 MΩ. However, Alexa 488 

added to the pipette solution failed to reveal dye coupling between SCs (Vogalis et al., 2005b). 
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Figure 12: Resting leak conductance in mouse olfactory sustentacular cells. 

Whole-cell voltage-clamp recording from a mouse SC applying voltage steps raging from –140 to 0 mV with 

a holding potential of -50 mV. The leak current is strongly reduced by the external application of gap junction 

blocker 18β‐glycyrrhetinic acid (20 μM; image modified from Vogalis et al., 2005a). 

 

2.7.3 Voltage-gated channels  

Cell-attached single-channel recordings performed on SCs from slices of the frog olfactory epithelium 

revealed that these cells possessed voltage-gated channels in their membrane. Trotier (1998) characterized 

these channels after excision of the membrane patch in the inside-out configuration, identifying Ca2+-

dependent potassium channels of large conductance BK channels, with a conductance of  253 pS, activated 

by increases in intracellular Ca2+ concentration and by membrane depolarization. 

Vogalis et al. (2005a) revealed that also SCs from acute slices of the mouse MOE have both voltage-

gated K+ and Na+ conductances (Figure 13). From potential value more positive of −40 mV, SCs generated a 

‘noisy’ outward K+ current blocked by low concentrations of tetraethylammonium with little inactivation over 

160 ms. This outward current was generated by the opening of charybdotoxin‐sensitive BK channels with a 

mean conductance of 237 ± 10 pS.   

Moreover, SCs generated a tetrodotoxin‐resistant voltage‐activated Na+ current with a density peak 

at −38 mV of −44 pA pF−1
, much lower than the one from OSNs of -510 ± 96 pA pF−1. The OSNs are also more 

sensitive to tetrodotoxin and this could suggest a different molecular composition of Na+ channels in SCs and 

OSNs of the mouse MOE. The density of Na+ channels in SCs was sufficient to enable them to fire a single 

action potential, but only hyperpolarizing the membrane potential more than -80 mV. However, SCs are not 

excitable under resting conditions. The probable reason is the presence of the ‘leak’ conductance that 

maintains the resting potential of SCs depolarized and the Na+ channels in the inactivated state. Regarding 

the location of Na+ channels, the authors concluded that it is reasonable to think that Na+ channels in SCs are 

located on the soma since the Na+ current was adequately clamped and their recordings were obtained 

mainly from the cell bodies of SCs, although their presence in the process cannot be ruled out (Vogalis et al., 

2005a). 
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Figure 13: Voltage-gated currents recorded in whole-cell patch-clamp configuration from a mouse olfactory 

sustentacular cells. 

A- Typical morphology of a mouse SCs filled with 0.2% Lucifer Yellow during a whole-cell patch-clamp 

recording (ap= apical surface; bas= basal membrane). B- Voltage steps elicited both inward and outward 

currents in the same cell (holding potential of -88 mV; images modified from Vogalis et al., 2005a). 

 

2.7.4 Calcium signalling 

Glial cells of the CNS have complex Ca2+ dynamics that regulate multiple cell functions including gene 

expression, cell proliferation, metabolism, ion transport systems, release of cell products, and cell death. 

There are two types of glial Ca2+ signals: intercellular and intracellular (Cornell-Bell et al., 1990; Finkbeiner, 

1992; Giaume and Venance, 1998; Scemes and Giaume, 2006). The first one is characterized by Ca2+ waves 

that propagate between neighbouring cells, while the second one consists of repetitive elevations in 

intracellular Ca2+ that remain confined to single cells.  

Historically, SCs have been thought of as epithelial cells, but the evidence is mounting to suggest that 

they share also important physiological functions typical from glial cells. Using confocal Ca2+ imaging of 

neonatal mouse MOE slices, Hegg et al. (2009) observed spontaneous intercellular Ca2+ and intracellular Ca2+ 

oscillations in sustentacular cells that are characteristic of glial Ca2+ signalling (Figure 14).  

They reported that, on average, a Ca2+ wave travelled 107 ± 11 μm before extinguishing (Figure 14, 

A). Ultrastructural, immunocytochemical and electrophysiological evidence showed that sustentacular cells 

form gap junctions with each other and they are electrically coupled. For these reasons, SCs may be also 

chemically coupled and several possible intracellular messengers, including inositol trisphosphate and Ca2+, 

may diffuse through gap junctions to neighbouring cells and potentially propagate and trigger Ca2+ release 

therein. However, the possibility that an extracellular factor, such as ATP or acetylcholine, may be involved 

in the propagation of these waves cannot be excluded.  

Moreover, the authors found also spontaneous intracellular Ca2+ waves propagating in SCs. The 

intracellular Ca2+ increased in the cell soma first and slowly travelled through the thin cytoplasmic extensions 

A B 
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reaching the endfoot attached to the basal membrane. The wave travelled from the cell soma to the basal 

cell layer in 9.5 s (Figure 14, B-C).  

 

 

Figure 14: Complex Ca2+ signalling in mouse olfactory sustentacular cells. 

A- Series of confocal Ca2+-images acquired during a spontaneous intercellular Ca2+ wave in a Fluo-4AM 

loaded slice of the murine MOE (scale bar, 20 µm). B- Spontaneous intracellular Ca2+ wave traveling from the 

apical side to the basal membrane (scale bar, 20 µm). C- Time course of the transient Ca2+ increase from the 

numbered regions showed in (B; images modified from Hegg et al., 2009). 

 

Hegg et al. (2009) and Ogura et al. (2011) found that SCs can produce Ca2+ oscillation in response to 

ATP and acetylcholine, through the activation of specific G-protein coupled receptors. Like the spontaneous 

intracellular Ca2+ wave, the ATP-evoked Ca2+ wave initiated in the cell soma and travelled to the basal layer 

at an average speed of 35 ± 20 μm/s. For both stimuli, the authors observed a variability in temporal patterns 

for the intracellular Ca2+ responses. Indeed, the Ca2+ increase was either a single spike, multiple Ca2+ 

transients, oscillations, or a transient followed by fused oscillations leading to a sustained increase in Ca2+ 

that eventually recovered to baseline (Hegg et al., 2009). The acetylcholine induced Ca2+ increases showed 

two phases, an initial transient phase that generally decays rapidly and a second phase that consists of slow 

decay. Moreover, the Ca2+ increase evoked by the acetylcholine application is dose-dependent (Ogura et al., 

2011). 

The evoked Ca2+ transients followed the activation of the phosphoinositide phospholipase C pathway 

with subsequent production of inositol-1,4,5-trisphosphate. Indeed, intracellular Ca2+ stores depletion 

completely abolished the Ca2+ response in SCs, while the absence of Ca2+ in the extracellular solution did not 

affect the evoked Ca2+ transients. Inhibitors of the phospholipase C pathway (neomycin, U73122) and the 

application of the membrane-permeant Ca2+ chelator BAPTA-AM, which rapidly buffers cytosolic calcium, 

strongly reduced both the main monophasic Ca2+ transient and the oscillatory Ca2+ increases. These results 

suggest that both ryanodine and inositol trisphosphate receptors may be involved in the release of 

intracellular calcium (Hegg et al., 2009).  

Finally, the application of atropine, an antagonist of all five muscarinic receptors, abolished the 

acetylcholine effects suggesting that muscarinic receptors are responsible for the Ca2+ increases in mouse 

olfactory SCs. In Ca2+-free saline, the initial transient component persisted while the slow decay phase 

disappeared, indicating that the transient component was largely mediated by Ca2+ release from intracellular 

Ca2+ stores. However, information regarding the intracellular signalling pathways remains to be determined 

(Ogura et al., 2011).      
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2.7.5 Physiological functions 

SCs of the MOE are involved in important physiological processes that preserve the integrity of the 

epithelium and that contribute to the correct functioning of the OS, acting as both epithelial- and glial-like 

cells.  

The olfactory SCs are tightly packed on the apical portion of the epithelium and are organized in such 

a way to build up a barrier to humidify and warm the air and to filter it from external contaminants. Indeed, 

with each breath or sniff inhaled through the nose not only pleasant or unpleasant odorants reach the surface 

of the MOE that detects them but also a complex mix of pollutants and xenobiotics (Lucero, 2013). 

There is strong evidence in the literature that olfactory SCs engage in xenobiotic metabolism and 

participate in odorant clearance since they express abundantly different isoforms of cytochrome P450, 

glutathione S-transferase and several other enzymes that can alter the odorant concentration and their 

chemical structure, thus modulating the detection of odorants (Chen et al., 1992; Dahl, 1988). Moreover, 

irritants and gases enhance the release of secretory granules from the apical portion of SCs. Electron 

microscopical study showed that these granules detach from their maternal SCs, floats as a droplet in the 

mucus, and finally, the secretory granules inside the droplet disintegrate into the mucus contributing to the 

continuous mucus turnover (Okano and Takagi, 1974). In olfactory SCs strong endocytosis occurs 

continuously to recycle their membrane and prevent the cumulation of redundant odorants and xenobiotics 

trapped within the epithelium. Endocytic vesicles and numerous large dense vacuoles and endosomes are 

closely associated with abundant fenestrated agranular endoplasmic reticulum rich of those enzymes 

involved in the clearance process (Bannister and Dodson, 1992). Finally, electron micrographs showed that 

SCs contained apoptotic bodies, cellular debris, and phagosomes in their cytoplasm, indicating that SCs in the 

MOE play a significant role in physiological phagocytosis in the unperturbed epithelium. Moreover, they 

increase their activity during acute cell death after the aforementioned events that are extremely dangerous 

for the MOE (Suzuki et al., 1996). 

Morphologically, SCs are tightly associated with the OSNs and sleeve-like extensions envelop large 

amount of cell bodies, dendrites, and proximal part of the axons of several OSNs. They provide structural 

support for OSNs and form a barrier that protects and electrically isolates adjacent OSNs (Breipohl et al., 

1974; Rafols and Getchell, 1983). SCs are bipolar elements that connect, through their apical and basal 

process, the epithelium surface with the basal lamina that separates the neuroepithelium from the blood 

vessels. Their cellular continuity from the basement membrane to the apical luminal surface may allow 

bidirectional movement of nutrients, wastes and hormones between capillaries and throughout the 

avascular olfactory epithelium (Lucero, 2013; Rafols and Getchell, 1983). However, the modalities in which 

this transport from capillaries into the olfactory epithelium via SCs occurs are presently unknown.  

Moreover, olfactory SCs have voltage‐gated ionic conductances and high resting membrane 

permeabilities to K+, Na+, and Cl− that may play a role in mopping-up the excess of inorganic ions in the 

extracellular fluid compartment. Indeed, even if their large “leak” conductance clamps their membrane 

potential excluding a role for SCs in electrical signalling, they show a peculiar expression pattern of ion 

channels in their membrane (Ghiaroni et al., 2003; Vogalis et al., 2005a). Amiloride-sensitive Na+ channels, 

BK channels and aquaporins are highly expressed in the microvilli and the apical region of SCs, enabling them 

to establish a vectorial ionic transport across the epithelium to absorb and transfer the excess of ions into 

the blood vessels (Menco and Morrison, 2003; Vogalis et al., 2005a). Thus, SCs may play a key role in the 

control of chemical composition and buffering of the intercellular fluid and mucus layer that covers the 
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luminal surface balancing between salts and water, which, in turn, can affect the excitability of sensory 

neurons.  

Lateral coupling of SCs via gap junctions provides a functional syncytium for the rapid radial spread 

of several molecular signals across the neuroepithelium ensuring that the cellular activity can be integrated 

and coordinated. These coupling could facilitate the clearance of ions released by OSNs during odorant 

stimulation and it may assist the ionic redistribution in the epithelium between regions of unequal 

concentration (Masukawa et al., 1983; Trotier, 1998). Moreover, the SCs syncytium displays dynamic 

intracellular Ca2+ fluxes that can propagate through many cells resembling the typical pattern of Ca2+ waves 

that occurs in glia in the CNS (Hegg et al., 2009; Verkhratsky and Kettenmann, 1996). This widespread 

communication between SCs can serve as many different signals in the MOE. The Ca2+ fluxes could be a signal 

for cell turnover after injury-evoked regeneration, for secretion and calcium-dependent exocytosis to 

mediate vesicle release which could modify mucus composition or release growth-promoting factors that 

initiate proliferation acting on basal cells and neuronal precursors (Hegg et al., 2009; Lucero, 2013). 

Indeed, SCs synthesize and release several important neurotrophic and neuromodulators or stress 

factors that regulate the physiology and pathology of the MOE. Like glia in the CNS, SCs have been shown to 

produce insulin, pituitary adenylate cyclase-activating polypeptide (PACAP), neuropeptide Y, 

endocannabinoids, ATP, and to express metabotropic P2Y purinergic receptors, muscarinic receptors, 

cannabinoid type 1 receptor and insulin receptor (Breunig et al., 2010a; Hansel et al., 2001; Hayoz et al., 

2012; Hegg et al., 2003a, 2003b; Hutch et al., 2015; Lacroix et al., 2008; Ogura et al., 2011). The constitutive 

release of ATP and PACAP might be involved in normal cell turnover or modulation of odorant sensitivity in 

physiological conditions, while ATP-evoked ATP release following injury could lead to progenitor cell 

proliferation, differentiation and regeneration partially by overexpression of neuropeptide Y and heat shock 

protein 25 in SCs (Hassenklöver et al., 2008; Hayoz et al., 2012; Hegg and Lucero, 2006; Hegg et al., 2003b; 

Jia and Hegg, 2010). The release of acetylcholine is enhanced in the MOE after exposure to chemical, 

pathogens and thermal stimuli and it strongly increases the endocytosis activity in SCs (Fu et al., 2018). The 

SCs synthesize endocannabinoids that increase proliferation in neonatal and adult mouse MOE and may 

regulate the balance of progenitor cell survival and proliferation (Hutch and Hegg, 2016). The 

endocannabinoid and insulin modulation in the olfactory epithelium influence the odorant-detection 

thresholds accordingly to the hunger state of the animal in an opposite manner. SCs from hungry animals 

release more endocannabinoids rendering the OSNs more sensitive at detecting lower odorant 

concentrations, which probably helps the animal to locate food. Conversely, the postprandial insulin increase 

reversibly decreases the OSNs responsiveness to odorants (Breunig et al., 2010a, 2010b; Lacroix et al., 2008). 

 

2.8 Other cell populations: 

 

2.8.1 Basal cells 

Basal cells are small conic stem cells capable of renewal all the cell populations that lining the MOE. 

There are two types of basal cells: horizontal (HBC) and globose (GBC). Both, on average, have a diameter of 

4-7 µm and have a round centrally located nucleus.  

The HBCs are pluripotent thin stem cells located along the basal lamina and contain keratins, 

intermediate filaments or tonofilaments characteristic of proliferating epithelial cells. They share similar 

morphologic and histochemical features with the basal cells of nasal respiratory epithelium (Holbrook et al., 

1995; Menco and Morrison, 2003).  
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Instead, the GBCs are located above the HBCs, are not immunoreactive for keratin, and their 

cytoplasm is more electron-lucent and contains basal bodies. For these reasons, the GBCs appear lighter, a 

bit smaller, rounded and with little cytoplasm from a morphological point of view, while the HBCs are darker, 

thinner, and directly adhered to the basal lamina (Goldstein and Schwob, 1996; Menco and Morrison, 2003). 

Moreover, the GBCs have a high rate of proliferation while the HBCs have a much slower rate (Huard and 

Schwob, 1995). 

The adult MOE is characterized by robust neurogenesis, and OSNs regenerate in humans even into 

old age (Holbrook et al., 2011; Murrell et al., 1996; Wolozin et al., 1992). Both HBCs and GBCs have the 

capacity of multipotent stem cells in the adult MOE (Caggiano et al., 1994; Leung et al., 2007; Newman et al., 

2000). GBCs are a heterogeneous cell population within a hierarchy raging from stem cell to immediate 

neuronal precursor (Cau et al., 1997; Guo et al., 2010; Mackay‐Sim et al., 2015; Manglapus et al., 2004), while 

HBCs are likely to be a quiescent population that requires activation by epithelial damage to re-enter the 

multipotent lineage (Chen et al., 2004; Iwai et al., 2008; Leung et al., 2007; Mackay‐Sim et al., 2015). 

However, the regulation of the olfactory neurogenesis is still far to be completely understood. 

 

2.8.2 Microvillous cells 

Microvillous cells are less abundant in comparison with SCs and OSNs in the MOE, and they represent 

roughly 10% of the MOE’s cell population. They are located primarily in the apical portion of the epithelium, 

neighbouring the SCs and OSNs, and are heterogeneous in terms of morphology and potential functions.  

The most dominant feature of these cells is their apical microvilli that display different shapes and 

rigidness both among them and with those from SCs (Andres, 1966; Carr et al., 1991; Johnson et al., 1991; 

Menco and Jackson, 1997). Generally, the microvilli of microvillous cells are more compacted and have a 

more uniform diameter and a shorter length in comparison with microvilli of supporting cells. Moreover, 

depending on the fixation method used, the microvillous cells appear either more electron-opaque or 

electron-lucent than surrounding supporting cells (Bannister and Dodson, 1992; Menco and Jackson, 1997; 

Menco and Morrison, 2003; Moran et al., 1982; Morrison and Costanzo, 1990).  

Recently, it has been identified a sub-population of microvillous cells in the MOE that expresses both 

the transient receptor potential channel M5 channels and cholinergic signature markers like the choline 

acetyltransferase and the vesicular acetylcholine transporter. This suggests that these cells are cholinergic 

and they could modulate the activities of neighbouring supporting cells and OSNs synthesizing and releasing 

locally acetylcholine (Fu et al., 2018; Hansen and Finger, 2008; Lin et al., 2008; Ogura et al., 2011). However, 

the exact function of these microvillous cells is still debated and the exact role of any of the microvillous cells 

is unknown. 

 

2.8.3 Bowman’s glands 

The olfactory mucosa lays on the lamina propria made of connective tissue in which are immersed 

axon fascicles, blood vessels, and Bowman's glands. Bowman's glands are found in the olfactory mucosa of 

all vertebrates except for fish. Human Bowman's glands are composed of serous and stem cells and have a 

spherical (20 – 40 µm diameter) shape (Breipohl et al., 1974; Getchell and Getchell, 1992).  

Bowman’s glands are simple tubular-type glands that consist of small compact acini, and their ducts 

transverse the basal lamina at regular intervals extending through the MOE to reach the luminal surface. The 

central lumen of the duct is surrounded by several pyramidal serous cells, with a spherical nucleus and short 

stubby microvilli, while myoepithelial cells surround the acini (Menco, 1980; Menco and Morrison, 2003). At 
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least two types of serous cells are reported: one with electron-lucent droplets and one with opaque droplets. 

This suggests that the mucus is composed of multiple mucous products (Foster et al., 1991), and indeed 

heterogeneity and several distinct domains are founded in the mucus layer (Menco and Farbman, 1992).  

Together with SCs, the Bowman’s glands squeeze secretory cells and aid in moving secretory 

products in the mucus layer that covers the luminal surface of the MOE and regulate the microenvironment 

in which sensory transduction occurs. Like the SCs, several xenobiotic-metabolizing enzymes are found both 

in the acinar and in the duct cells of Bowman’s glands (Harkema et al., 2006; Menco and Morrison, 2003). 

 

2.9 The novel SARS-CoV-2 virus and the MOE 

The novel SARS-CoV-2 virus responsible for the severe acute respiratory syndrome coronavirus clade 

2 (Zhou et al., 2020) has very high infectivity causing a worldwide health crisis that is rapidly spreading around 

the world (Zheng, 2020). The virus infection starts with the binding of the viral Spike glycoprotein to the 

angiotensin-converting enzyme-2 (ACE2), followed by its priming by the TMPRSS2 serine protease, both 

present on the cellular membrane of the target cells (Hoffmann et al., 2020). The nasal cavity represents the 

main gate for SARS-CoV-2 entrance and the ciliated cells are the target in the respiratory tract (Mason, 2020). 

Interestingly, several reports point out that there is an association between the SARS-CoV-2 infection and 

olfactory dysfunctions (Parma et al., 2020; Vaira et al., 2020; Xydakis et al., 2020; Yan et al., 2020), and this 

could indicate that also the MOE may be a possible COVID-19 virus entry point. For this reason, several 

studies collected and analysed the MOE transcriptome from humans, non-human primates, and mice, looking 

at the coexpression of both ACE2 and TMPRSS2 genes in the same cell types.  

Single-cell RNA-sequencing datasets revealed that non-neuronal cell populations of the MOE have 

comparable levels of ACE2 and TMPRSS2 transcripts with those from nasal ciliated cells, lung type II 

pneumocytes and ileal absorptive enterocytes (Brann et al., 2020; Butowt and Bilinska, 2020; Fodoulian et 

al., 2020; Hoffmann et al., 2020; Ziegler et al., 2020). SCs but also Bowman’s glands, basal cells, microvillar 

cells, and nasal goblet secretory cells are supposed to be a possible cell target for the SARS-CoV-2 virus (Figure 

15). It is important to note that SCs and OSNs are the most abundant cell population of the MOE, and they 

are in direct contact with anything that enters the nose. Moreover, SCs play a critical role in the maintenance 

of the neuroepithelial integrity. These considerations strongly suggest that SCs are a quite credible cell 

candidate for the SARS-CoV-2 virus infection, and their involvement could also explain anosmia in patients 

affected by COVID-19. Indeed, immunohistochemical experiments confirmed that ACE2 is broadly expressed 

in dorsally-located olfactory SCs (Figure 15, B; Brann et al., 2020; Fodoulian et al., 2020; Hopkins et al., 2020). 

CoV-2-induced inflammation, cell damage and altered cell turnover in the nasal epithelium are other possible 

explanations of smell dysfunction (Butowt and Bilinska, 2020; Marinosci et al., 2020).  
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Figure 15: SARS-CoV-2 virus s cell entry-related genes in the respiratory and olfactory epithelium.  

A- ACE2 (green) signal in the mouse dorsal MOE does not overlap with OSNs’ cilia stained by CNGA2 (red; 

scale bar, 50 μm).  B- ACE2 (green) signal is localized on mouse SCs’ microvilli stained by Phalloidin (F-Actin, 

red), but does not overlap with OSNs’ cilia stained by Acetylated Tubulin (Ac. Tubulin, blue; scale bar, 10 μm). 

C- Mouse Bowman’s glands (arrowheads) marked by ACE2 staining (green; scale bar, 50 μm). D- Percentage 

of ACE2 and TMPRSS2 expression in the human respiratory and olfactory epithelium. ACE2 was detected in 

SCs, HBCs and other olfactory and respiratory epithelial cell types, but not in OSNs (Images modified from 

Brann et al., 2020).  

 

Moreover, many viruses, including coronaviruses, have been shown to propagate from the nasal 

epithelium past the cribriform plate to infect the olfactory bulb and cortical areas of the brain (Hwang, 2006). 

Indeed, coronoviral RNA has been identified in the brains of patients and this could mediate olfactory deficits, 

even in the absence of lasting OE damage (Brann et al., 2020; Li et al., 2020). There are speculations about 

the possibility that infected people who show signs of olfactory dysfunctions may actually represent those 

individuals with faster and stronger immune response (Butowt and Bilinska, 2020). According to this scenario, 

the MOE could represent the first line of viral alert that initiates antiviral protective immune responses 

A B 
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shaped by the nervous system (Sepahi et al., 2019). Therefore, it could be interesting to examine groups of 

patients with and without the impaired sense of smell and correlate it with the severity of their symptoms 

and percentage of the recovery.  

Furthermore, the alteration in the sense of smell reported by several patients could help to design a 

faster diagnosis tool to avoid the spread of the contagions. Importantly, the olfactory epithelium from the 

nasal cavity may be a more appropriate tissue for detection of SARS-CoV-2 virus at the earliest stages, before 

the onset of symptoms or even in asymptomatic people, as compared to commonly used sputum or 

nasopharyngeal swabs (Butowt and Bilinska, 2020). Improvements in the diagnosis of SARS-CoV-2 infection, 

together with effective medical treatments and vaccine, are the only way to contrast the high infectivity of 

this new virus and reduce its rapid spread rate.  
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3. Calcium-activated chloride channels 

Cation channels have historically been associated with cellular excitability while chloride channels 

were thought to be involved more in cell-biological functions that regulate tissue homeostasis. Perhaps, for 

this reason, the study of anion channels has received considerably less attention. However, calcium-activated 

chloride channels (CaCCs) play fundamental roles in cellular physiology, including epithelial secretion of 

electrolytes and water, sensory transduction, regulation of neuronal and cardiac excitability, and regulation 

of vascular tone. 

 

3.1 History 

The first description of chloride currents mediated by channels activated upon a rise in the 

intracellular Ca2+ concentration was made by Miledi in the early 1980s in Xenopus laevis oocytes (Hartzell et 

al., 2005; Miledi, 1982). This process results in a depolarization of the oocyte’s membrane that somehow 

prevents the fusion of additional sperm (Cross and Elinson, 1980). Later on, CaCCs have been found in several 

cell types including neurons; various epithelial cells; olfactory and photo-receptors; cardiac, smooth, and 

skeletal muscle; Sertoli cells; mast cells; neutrophils; lymphocytes; uterine muscle; brown fat adipocytes; 

hepatocytes; insulin-secreting beta cells; mammary glands; and sweat glands (Duran et al., 2010; Hartzell et 

al., 2005; Pedemonte and Galietta, 2014). 

Although they have been studied for more than 30 years, their physiological roles and molecular 

identities have remained in question for a long time.  

In 2008, three independent research teams from three continents simultaneously revealed the 

molecular identity of CaCCs. Using different approaches, all of them reported the same protein, TMEM16A, 

as a component of CaCCs (Caputo et al., 2008; Schroeder et al., 2008; Yang et al., 2008). In addition, Schroeder 

et al. (2008) showed that also TMEM16B is a CaCC. 

The TMEM16A channel belongs to a widespread protein family of “Transmembrane proteins with 

unknown function 16,” abbreviated as TMEM16. This family includes nine other family members labelled 

with letters from A to K, excluding I. TMEM16A is also known as anoctamin 1 (abbreviated ANO1, Figure 16). 

Since homologues are found in all eukaryotic phyla but absent in prokaryotes, this indicates that the family 

appeared relatively late during evolution. This family is characterized by a high degree of functional 

divergence, including chloride channels, phospholipid scramblases, and dual-function nonselective ion 

channel/phospholipid scramblases (Falzone et al., 2018; Hartzell et al., 2009; Pedemonte and Galietta, 2014). 
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Figure 16: Phylogenetic tree of the TMEM16 family in humans.  

The tree shows that TMEM16A and B share the higher amino acid identity (scale bar, 0.1 nucleotide 

substitutions per site; image modified from Yang et al., 2008).  

 

3.2 Biophysical properties 

CaCCs are characterized by specific biophysical hallmarks. Both the Cl− currents elicited by TMEM16A 

and TMEM16B channels share very similar biophysical properties. They are activated by cytosolic Ca2+ and 

the half-maximal concentrations for their activation is in the submicromolar range. However, this Ca2+ 

concentration range varies among different cell types, possibly due to differences in molecular composition 

or local cellular environment (Huang et al., 2012a; Pedemonte and Galietta, 2014). TMEM16A channels have 

a half effective Ca2+ concentration of about 0.4 – 0.6 μM at positive membrane potentials (Ferrera et al., 

2009), while TMEM16B channels are less Ca2+ sensitive, with 1 – 3 μM of half effective Ca2+ concentration at 

positive membrane potentials (Pifferi et al., 2009). 

Both Cl− channels mediate voltage- and Ca2+-dependent currents. At low intracellular Ca2+ 

concentration they exhibit outward rectification of the steady-state current-voltage relationship due to 

activation and deactivation at positive and negative membrane potentials, respectively. At higher 

intracellular Ca2+ concentration the CaCCs’ current-voltage relationship is linear (Figure 17). Moreover, the 

apparent affinity for Ca2+ increases by a change of the membrane potential to positive values (Huang et al., 

2012a; Pedemonte and Galietta, 2014).  

Activation and deactivation kinetics are much faster for TMEM16B channels in comparison with 

those of TMEM16A, with time constants differing by more than 10-fold (Caputo et al., 2008; Pifferi et al., 

2009; Stephan et al., 2009). Furthermore, the value of single-channel conductance is small for TMEM16B and 

nearly 1 pS (Pifferi et al., 2009), while it is around 3.5 pS for TMEM16A (Adomaviciene et al., 2013). TMEM16A 

and TMEM16B channels are also activated by other divalent cations, such as Ba2+, Sr2+, and Ni2+, while Zn2+ 
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has instead an inhibitory effect (Stephan et al., 2009). Finally, CaCCs preferentially permeate large anions in 

the following order: SCN− > I− > NO3
− > Br− > Cl− > F− (Huang et al., 2012a; Pedemonte and Galietta, 2014). 

 

 

Figure 17: TMEM16A mediated currents modulated by intracellular Ca2+ and membrane potentials. 

Whole-cell voltage-clamp recording from different HEK cells transfected with mTMEM16A(a,c). The voltage 

steps raging from –100 to 100 mV with a holding potential of 0 mV elicited TMEM16A currents with different 

IV relationship in presence of different amount of free intracellular Ca2+ (Image obtained from Xiao et al., 

2011). 

 

Another typical hallmark of CaCCs is a time-dependent current decay that occurs during prolonged 

stimulation by saturating Ca2+, called “rundown” or “desensitization” (Huang et al., 2012a; Pedemonte and 

Galietta, 2014). This phenomenon produces a decrease of the CaCCs mediated currents over time that 

eventually leads to complete channels desensitization. It has been observed in both endogenous CaCCs 

(Wang and Kotlikoff, 1997) and recombinantly expressed TMEM16A (Dang et al., 2017). Moreover, Pifferi et 

al. (2009) found that also TMEM16B show a similar rundown at saturating Ca2+ concentrations both in native 

tissues and heterologous expression systems. The mechanisms underlying this process are still not clear. 

Recently, it has been proposed that it might depend on phosphatidylinositol (4,5)-bisphosphate (or simply 

PIP2, Figure 18) depletion since it has been shown that PIP2 regulates TMEM16A channel gating (Le et al., 

2019; Ta et al., 2017; Tembo and Carlson, 2018; Yu et al., 2019).   

 

Figure 18: TMEM16A rundown is affected by PIP2. 

A- Voltage steps from -80 mV to +80 mV elicited TMEM16A mediated current in inside-out patch clamp 

recordings under saturating 100 µM intracellular Ca2+. B- Current plot over time of the experiment shown in 

(A). C- Representative TMEM16A mediated current traces recorded at four time points from a different inside-

out patch using the same protocol, and in the presence or absence of 20 µM diC8 PIP2. D- Current plot over 

time of the experiment shown in (C). The PIP2 application attenuates TMEM16A channel rundown (Image 

modified from Le et al., 2019). 
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3.3 Structure 

Terashima et al. (2013) confirmed that purified mammalian TMEM16A proteins are the pore-forming 

subunits of CaCCs. Other studies suggested that these channels are dimers using electrophysiological, 

biochemical, and fluorescent assays (Fallah et al., 2011; Sheridan et al., 2011; Tien et al., 2013). They 

proposed that each monomer is independently gated by Ca2+ and forms a physically distinct Cl− permeation 

pathway (Falzone et al., 2018; Jeng et al., 2016; Lim et al., 2016).  

The structure at atomic-resolution demonstrates that TMEM16A channels are homodimers and their 

transmembrane region is composed of 10 helices, labelled TM1–10, for each monomer (Figure 19, B; Dang 

et al., 2017; Paulino et al., 2017a, 2017b). The TMEM16A channel has an extensive cytosolic domain that 

adopts a ferredoxin-like fold and a structured extracellular domain stabilized by four pairs of cysteine 

residues engaged in constitutive disulfide bonds. Each TMEM16 monomer forms an independent subunit 

cavity gated by two Ca2+-binding sites. The hydrophilic pathway is formed by TM3–7 of each monomer (Figure 

19, C). However, the pathway is partially exposed to the hydrophobic core of the membrane. These pathways 

have a conserved hourglass shape in which the two intracellular and extracellular vestibules are separated 

by a narrow constriction located just above the Ca2+-binding sites. This groove-like structure lined by TM4–7, 

with minimal participation of TM3, forms the anion-selective pore through which Cl− ions diffuse in the CaCCs. 

Several basic residues in the intra- and extracellular vestibules make the pore electropositive, suggesting 

electrostatic discrimination against cations (Brunner et al., 2014; Dang et al., 2017; Falzone et al., 2018; 

Paulino et al., 2017a, 2017b).  

 

Figure 19: Structures of the mouse TMEM16A channel. 

A- Ribbon representation of the structures of the Ca2+-bound mTMEM16A channel (black lines = membrane 

boundaries; blue spheres = Ca2+ ions bound to the Ca2+-binding sites; * = Ca2+-binding sites; grey rectangle = 

ion conduction pore). B- Conformational changes of the TM6 after Ca2+ binding (blue spheres = bound Ca2+ 

ions). C- Highlights of the ion conduction pathway of the mTMEM16A subunit (grey mesh = pore surface; blue 

spheres = Ca2+ ions; images modified from Paulino et al., 2017a). 

 

The Ca2+-binding sites are formed by highly conserved acidic residues on TM6–8. They are located 

approximately at one-third of the membrane span from the inner side, rationalizing the synergistic effects of 

A B C 
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voltage and Ca2+ binding on channel opening (Figure 19, A; Dang et al., 2017; Falzone et al., 2018; Paulino et 

al., 2017a, 2017b). A pronounced rearrangement of TM6 is the main consequence of Ca2+ unbinding, while 

the rest of the protein remains almost unchanged, as revealed by structures of TMEM16A in the presence of 

zero, one, and two Ca2+ ions. In the absence of Ca2+, the intracellular portion of TM6 moves away from the 

TM7 domain, resulting in a pronounced narrowing of the intracellular vestibule and pore constriction. The 

TM6 helix appears to serve as a key allosteric connection through which Ca2+, voltage, and extracellular Cl− 

act to regulate the opening of the TMEM16A pore. Moreover, the Ca2+ unbinding alters the electrostatic 

environment of the pathway, and the increased electronegativity is likely to strongly impede permeation of 

the negatively charged Cl− ions. This combination of steric and electrostatic effects may cooperate in the 

closing of the TMEM16A pore (Dang et al., 2017; Falzone et al., 2018; Paulino et al., 2017a; Peters et al., 

2018). 

 

3.4 TMEM16A 

 

3.4.1 Expression pattern 

TMEM16A is broadly expressed in airway epithelia, in acinar cells from lachrymal, airway submucosal, 

parotid, submandibular and pancreas glands, in the interstitial cells of Cajal of the gastrointestinal tract, in 

the trachea, and in smooth muscle cells of the reproductive tracts and airways, including portal vein, 

lymphatic vessels and pulmonary artery, in sensory neurons from rat dorsal root ganglia and vomeronasal 

organ (Falzone et al., 2018; Hartzell et al., 2005; Huang et al., 2012a; Pedemonte and Galietta, 2014; Whitlock 

and Hartzell, 2017). 

The presence of alternative splicing and alternative promoters results in tissue-specific expression of 

different TMEM16A isoforms. A prominent functional implication of this phenomenon is that the inclusion 

or exclusion of different exon changes dramatically the sensitivity to cytosolic Ca2+, resulting in a different 

modulation of the TMEM16A activity (Ferrera et al., 2009; Pedemonte and Galietta, 2014). 

 

3.4.2 Relevant physiological roles 

The transepithelial movement of Cl− is the main driving force for fluid secretion by exocrine gland 

acinar cells. The Cl− secretion requires the coordinated activity of various channels and transporters localized 

in the apical and basolateral epithelial membranes. The TMEM16A channel is involved in this physiological 

mechanism controlling processes that range from smooth muscle contractility to epithelial secretion. In 

particular, in cystic fibrosis patients, the TMEM16A channel has been proposed as a promising target to 

rescue the impaired Cl− secretion caused by the loss of function of the cystic fibrosis transmembrane 

conductance regulator (CFTR) protein (Huang et al., 2012a; Pedemonte and Galietta, 2014). 

CaCCs in smooth muscle cells are expected to sustain contraction producing membrane 

depolarization, especially in response to excitatory agonists. Several laboratories are focusing their attention 

to find a link between CaCCs and TMEM16A protein in smooth muscle cells. Interestingly, the TMEM16A 

expression is downregulated in smooth muscle cells isolated from the basilar arteries of hypertensive rats, 

(Wang et al., 2012) while is upregulated in pulmonary arterial smooth muscle cells with chronic hypoxia and 

pulmonary hypertension (Forrest et al., 2012; Manoury et al., 2010; Sun et al., 2012). TMEM16A may be a 

drug target to prevent bronchoconstriction in asthma and hypertension (Huang et al., 2012a; Pedemonte 

and Galietta, 2014). 
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Sensory neurons from rat dorsal root ganglia are among the first mammalian cells in which CaCCs 

were studied (Mayer, 1985). Liu et al. (2010) showed that bradykinin simultaneously inhibits M-type K+ 

channels and activates TMEM16A in nociceptors. Both these effects contribute to membrane depolarization 

and the generation of ascending nociceptive signals. Moreover, Cho et al. (2012) demonstrated that sensory 

neurons respond to high temperature with activation of TMEM16A mediated Cl− currents. In conclusion, 

TMEM16A expressed in nociceptive neurons represents an important target for analgesic therapies (Huang 

et al., 2012a; Pedemonte and Galietta, 2014). 

 

3.4.3 Relevant pathological roles 

Before the discovery of TMEM16A as a CaCC, the same gene was already known to oncologists by 

various names: discovered on gastrointestinal stromal tumours protein 1 (DOG-1), oral cancer overexpressed 

2 (ORAOV2), and tumour-amplified and overexpressed sequence 2 (TAOS-2; Huang et al., 2012a; Pedemonte 

and Galietta, 2014). Indeed, TMEM16A is highly expressed in multiple different cancer types, including 

gastrointestinal stromal tumours (GIST; West et al., 2004), oral and oesophageal squamous cell carcinoma 

(Huang et al., 2006). Moreover, TMEM16A has been suggested to serve as a hallmark for GIST, although its 

function in tumour biology and the reason for its high expression is unknown. Interestingly, TMEM16A 

expression is associated with reduced survival and increased metastatic potential, and its knockdown or 

inhibition leads to reduced malignancy of the tumours (Ayoub et al., 2010; Duvvuri et al., 2012; Ruiz et al., 

2012). In summary, TMEM16A is an important diagnostic and prognostic marker and may represent an 

important drug target in some types of human cancers (Pedemonte and Galietta, 2014). 

Another relevant role of TMEM16A concerns the regulation of normal trachea development in mice, 

and TMEM16A deletion is lethal. Rock et al. (2008) reported that mice homozygous for a null allele of 

TMEM16A died within one month of birth. The death is mainly due to the presence of ventral gaps in the 

cartilage rings of the trachea, which caused the trachea to collapse, thus mimicking human tracheomalacia. 

Most probably, the cartilage defect is actually secondary to defects in the epithelium or trachealis muscle, 

where TMEM16A is normally expressed. Moreover, TMEM16A knock-out animals also show an accumulation 

of mucus and impairment of mucociliary transport in the airways, mimicking the cystic fibrosis disease 

phenotype (Pedemonte and Galietta, 2014). 

 

3.5 Other TMEM16 family members: 

Nowadays, it is known that the majority of the TMEM16 family members are phospholipid 

scramblases. However, this was completely unexpected since the first characterized homologues, TMEM16A 

and B, were both CaCCs, indicating that was reasonable to think that the TMEM16s were a family of CaCCs. 

Indeed, it was a real surprise the discover that TMEM16F was involved in phospholipid trafficking, leading to 

the conclusion that the TMEM16 family is composed of both ion channels and phospholipid scramblases. 

 

3.5.1 TMEM16B 

Analysis of amino acid sequence similarity within TMEM16 proteins revealed that TMEM16A and 

TMEM16B share the higher amino acid identity of about 62%, resulting in the closely related members 

belonging to the same subfamily (Milenkovic et al., 2010). Schroeder et al. (2008) were the first to show that 

TMEM16B was associated with CaCC activity, a result subsequently confirmed by other teams (Pifferi et al., 

2009; Stephan et al., 2009; Stöhr et al., 2009).  
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TMEM16B is mainly expressed in neuronal tissues, and it is required for correct action-potential firing 

and axonal targeting in hippocampal, inferior olivary, and olfactory sensory neurons (Huang et al., 2012b; 

Pietra et al., 2016; Schreiber et al., 2010; Zhang et al., 2017). TMEM16B is highly expressed in the 

photoreceptor (cones and rods) of the mouse retina (Stöhr et al., 2009). In humans, a homozygous deletion 

of part of the TMEM16B gene has been found in severe von Willebrand disease type 3, a hereditary 

coagulation abnormality (Schneppenheim et al., 2007); while a Japanese a genome-wide association study 

found that TMEM16B is associated with panic disorder in the Japanese population (Otowa et al., 2009).    

 

3.5.2 TMEM16  

The TMEM16 family is functionally divergent, and it is composed of CaCCs and Ca2+-dependent 

scramblases, some of which also mediate nonselective ion transport.  

Among the TMEM16 channel/scramblase homologues, TMEM16F is one of the most highly expressed 

members in different tissues and cell types (Falzone et al., 2018; Schreiber et al., 2010). In humans, TMEM16F 

plays a key role in controlling blood coagulation, and loss-of-function mutations in the TMEM16F gene cause 

Scott syndrome, a mild bleeding disorder due to defective Ca2+-dependent exposure of phosphatidylserine 

in activated platelets (Castoldi et al., 2011; Suzuki et al., 2010). Moreover, TMEM16F gene deletion in mice 

recapitulates well the Scott syndrome phenotype (Baig et al., 2016). Interestingly, TMEM16F is also endowed 

with ion channel activity, although there is no consensus about its biophysical properties among different 

studies (Falzone et al., 2018; Huang et al., 2012b; Pedemonte and Galietta, 2014).  

The TMEM16E channel/scramblase prevalently localizes to intracellular compartments and mediates 

both channel and scramblase activities (Duran et al., 2011). In humans, it has been associated with a complex 

panoply of phenotypes, and TMEM16E mutations cause limb-girdle muscular dystrophy, Miyoshi myopathy 

type 3 and gnathodiaphyseal dysplasia 1, suggesting that this protein plays a role in membrane fusion and 

repair and bone formation (Bolduc et al., 2010; Falzone et al., 2018; Marconi et al., 2013). However, a clear 

picture of its functional properties is far to be reached.  

Very few it is known at the moment about the other members of the TMEM16 family. TMEM16C 

regulates pain processing in rat sensory neurons (Huang et al., 2013), TMEM16K mutations cause autosomal 

recessive ataxia, attentional disorders, epilepsy, and porencephalic cysts (Chamova et al., 2012), TMEM16G 

(also known as NGEP) is involved in the formation of cell–cell contacts in healthy and cancerous prostate 

tissues (Bera et al., 2004), and it has been proposed that TMEM16J might function as a cation channel 

activated by the cAMP/PKA signalling pathway (Kim et al., 2018). 

Collectively, these findings highlight the broad importance of the TMEM16 family members in human 

physiology and disease. Overall, their study remains a work in progress as novel functions are identified for 

known homologues, and new roles are discovered for poorly characterized ones. 

 

3.6 CaCCs in the MOE 

Both the two members of the TMEM16 family that code for CaCCs, TMEM16A and B, are found in 

the MOE. However, they show a different temporal and cellular expressions pattern consistent with a diverse 

physiological significance for the two proteins.  

Few studies investigated the TMEM16A expression in the mouse MOE, finding that the protein is 

expressed on the apical portion of SCs and the apical membrane of Bowman’s gland ducts (Figure 20; Dauner 

et al., 2012; Maurya and Menini, 2014; Maurya et al., 2015). Moreover, two of them reported a dynamic 

expression of TMEM16A during mouse embryonic development. According to the authors, TMEM16A is 
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expressed at the apical surface of the entire OE at embryonic day E12.5 while from E16.5 its expression is 

restricted to a region near the transition zone with the respiratory epithelium (Figure 20, D; Maurya and 

Menini, 2014; Maurya et al., 2015). Moreover, they did not find evidence of altered morphology in the MOE 

from TMEM16A-/- mice, indicating that TMEM16A does not seem to be involved in the regulation of 

proliferation and development of the mouse MOE (Maurya et al., 2015). However, none of the previous 

works confirmed the functional expression of TMEM16A in the MOE, and if it is able to mediate Cl− currents 

contributing to the regulation of the extracellular ionic environment in the mucus layer that covers the 

epithelium.  

 

Figure 20: Expression of TMEM16A (ANO1) channels in the main olfactory epithelium. 

A- Confocal image of the rat MOE and respiratory epithelium. TMEM16A (ANO1, green) is expressed both in 

the MOE and respiratory epithelium and it does not colocalize with ACIII (red; arrowhead = MOE; arrow = 

transition between the MOE and the respiratory epithelium; star = respiratory epithelium; DAPI staining for 

cell nuclei; scale bar, 15 μm). B,C- Apical portion of the MOE from the OMP-GFP mouse. TMEM16A (ANO1, 

red) is expressed on SCs’ microvilli marked in red with ezrin (Images modified from Dauner et al., 2012). D- 

Confocal image of the mouse MOE and respiratory epithelium. TMEM16A (red) is expressed in the respiratory 

epithelium and in portions of the MOE in contact with the respiratory epithelium indicated by the yellow 

arrows. ACIII is stained in green. In D1 and D2 magnifications of the image in D. The TMEM16A and ACIII 

staining does not colocalize (DAPI staining for cell nuclei; images modified from Maurya et al., 2015). 

 

In 2009, the TMEM16B channel was proposed as the olfactory CaCC. Indeed, the olfactory cilia 

proteome of mouse showed high levels of TMEM16B expression (Stephan et al., 2009). TMEM16B was able 

to mediate Cl− currents with similar properties to those of native olfactory CaCCs when heterologously 

transfected (Figure 21, A-C; Pifferi et al., 2009; Stephan et al., 2009). Moreover, immunohistochemistry 

assays showed that it is strongly expressed in the ciliary layer of OSN (Billig et al., 2011; Rasche et al., 2010; 

Sagheddu et al., 2010). Three years later, Billig et al. (2011) generated the first mouse model where the 

TMEM16B gene was knocked out. The CaCCs mediated currents were completely abolished in OSNs from 

TMEM16B KO mice, confirming that TMEM16B is a mandatory part of the Cl− channel. Surprisingly, KO mice 

showed no impairment in the ability to detect odorants, and the authors concluded that CaCCs are 

dispensable for olfaction (Billig et al., 2011). However, Pietra et al. (2016) found that the same mouse model 

required longer times to identify new odorants. Moreover, the TMEM16B deletion affected the firing pattern 

of the OSNs prolonging the action potentials train duration and increasing the number of spikes in response 

A 

B C 
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to a stimulus (Figure 21, D-E). Interestingly, Neureither et al. (2017) revealed that the detection of an 

unfamiliar odorant and its memorization requires the TMEM16B-mediated signal amplification. TMEM16B-

deficient mice display impaired cue‐tracking behaviour when challenged with unfamiliar odorants at low 

concentrations. Li et al. (2018) found that TMEM16B mediated currents clearly predominated in the mouse 

olfactory responses, confirming previous results obtained in rat (Li et al., 2016). The Cl- current activated 

during the olfactory transduction accounts for about the 80% of the response (Li et al., 2018). Furthermore, 

Zak et al. (2018) provided the in vivo evidence that odorant-evoked responses in TMEM16B KO mice were 

consistently larger for a variety of odorants and concentrations. For this reason, KO mice revealed clear 

olfactory behavioural deficits in an open arena, needing a much longer time to localize odorants. Finally, 

Reisert and Reingruber (2019) revealed that a transduction pathway based on Cl- efflux circumvents the 

problems linked to a Na+ current based signal amplification. Indeed, Na+ currents are much more affected by 

changes in the external mucus composition. Moreover, the ciliary Na+ increase would negatively affect the 

Ca2+ clearance by Na+/Ca2+/K+ exchange. Finally, the dramatic change in osmotic pressure produced by 

intraciliary Na+ increase would result in cilia damage. Altogether, these results indicate that the TMEM16B 

channel is an important player involved in the complex tuning mechanisms of the olfactory responses.  

 

 

Figure 21: TMEM16B channels in the main olfactory epithelium. 

A- TMEM16B mediated currents from an OSN’s insid-out excised patch. The current was activated by 

application of 100 µM of Ca2+ at holding potential of – and +50 mV B- Similar results were obtaioned from 

TMEM16B upon heterologous expression in HEK-293 cells. C- Hill equation fitting of the normalized currents 

measured at −50 mV plotted versus Ca2+ concentrations (Images obtained from Pifferi et al., 2012). D- WT 

and KO mice for TMEM16B were trained to find foods buried in their cage. In the first days of the experiment 
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the KO mice needed more time to localize the food. E- The same mice were exposed to known (oreo cookies 

and chow) and unknown odorants (peanut, cheese and chocholate). Mann-Whitney U test: *, P < 0.05; **, P 

< 0.01; ***, P < 0.001. Mean ± SEM from 11 WT and 13 KO mice (Images obtained from Pietra et al., 2016).  

 

Further studies are required to clarify more in detail the roles of the CaCCs TMEM16A and B in the 

MOE. 
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4. Stomatin family: 

The stomatin family of proteins is composed of members containing a characteristic core domain 

called stomatin-domain. These proteins are widely expressed in various tissues and all classes of life. Several 

orthologues have been found in vertebrates, invertebrates, plants, and microorganisms. The ubiquity of 

proteins of the stomatin family and their high degree of homology suggest that they may be involved in 

crucial specific cellular functions, which have yet to be defined.  

 

4.1 History 

Interest in stomatin proteins family started when red blood cells of patients with the haemolytic 

anaemia Hereditary Stomatocytosis were found to be lacking a major membrane protein in the band 7 region. 

For still unknown reasons, before cellular lyse the erythrocyte morphology takes on a “mouth-shaped” area 

called stoma that names the disease (Figure 22). For the same reason, the founding member of this protein 

family was termed stomatin (Dacie, 1970; Eber et al., 1989; Hiebl-Dirschmied et al., 1991a; Lande et al., 1982; 

Lock et al., 1961). However, not all patients with Hereditary Stomatocytosis were lacking stomatin in the red 

cells. Indeed, stomatin is only missing in erythrocytes from Overhydrated Hereditary Stomatocytosis patients 

and not in Dehydrated Hereditary Stomatocytosis (Kanzaki and Yawata, 1992; Stewart et al., 1993).  

 

 

Figure 22: Mouth-shaped erythrocytes from a patient affected by overhydrated hereditary stomatocytos. 

The arrows indicate stomatocytes in Wright-Giemsa-stained blood (Image obtained from Stewart et al., 

1993).  
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After isolation and characterization of stomatin, proteomic studies on the erythrocytes from 

Overhydrated Stomatocytosis patients revealed the total or partial absence of stomatin proteins in the 

membranes of red cells (Gallagher and Forget, 1995; Stewart et al., 1993). Surprisingly, no genetic defects 

were found in the stomatin gene amongst patients suffering from stomatocytosis, and mice with a null allele 

of the stomatin gene do not display stomatocytosis (Fricke et al., 2003; Zhu et al., 1999). The erythrocytes’ 

membrane displays a pronounced “leakiness” to monovalent cations in cases of stomatocytosis, and this led 

to the hypothesis that stomatin may regulate the activity of membrane channels or transporters (Stewart et 

al., 1993).  

Following the discovery of the stomatin protein, several new members of this family have been 

identified. It is emerging that the stomatin-like proteins play a significant role in membrane organisation and 

the regulation of membrane-associated proteins, including ion channels. However, the molecular 

mechanisms by which members of the stomatin family mediate their effects remain still elusive (Browman 

et al., 2007; Lapatsina et al., 2012; Salzer et al., 2007). 

 

4.2 Structures 

All the proteins of the stomatin family are identified by the presence of the characteristic and 

structurally conserved stomatin-domain (Tavernarakis et al., 1999). Moreover, the same domain is found in 

members of the prohibitin, flotillin/reggie, erlin and bacterial HflK/HflC protein families and it has accordingly 

also been called the SPFH domain (Stomatin, Prohibitin, Flotillin, HflK/HflC domain) and more recently the 

PHB domain (prohibitin homology domain; Browman et al., 2006; Morrow and Parton, 2005; Rivera-Milla et 

al., 2006). The stomatin family forms a distinct branch of the SPFH family, which diverged early on from other 

eukaryotic SPFH proteins, such as prohibitins and flotillins, as confirmed by phylogenetic analysis (Browman 

et al., 2007; Lapatsina et al., 2012; Salzer et al., 2007).  

Although several stomatin members are widely distributed amongst all forms of life, the amino-acid 

sequence of the stomatin-domain is remarkably conserved in mammals, plants, bacteria, and archaea, as 

revealed by genome and transcriptome analyses (Green and Young, 2008). There are five members in the 

mammalian stomatin family: stomatin, stomatin-like protein-1 (STOML-1), stomatin-like protein-2 (STOML-

2), stomatin-like protein-3 (STOML-3) and podocin. Except for STOML-2, the other members of the family 

share 40 – 84% sequence similarity in the stomatin-domain and their membrane topology and primary 

domain organisation is quite similar (Green and Young, 2008).  

The typical structure of a stomatin-domain protein is given by the presence of two principal 

components: a single, relatively short, hydrophobic transmembrane domain followed by the core stomatin 

domain (Figure 23). For this reason, the members of this family are integral membrane proteins, and only a 

single conserved proline residue in the hydrophobic region is required for the formation of the hairpin 

structure inserted in the membrane. Both N- and C-termini of the protein are intracellular (Figure 23), and 

they differ a lot among the family members conferring them different properties like cytoskeleton binding 

and homo-oligomerisation (Lapatsina et al., 2012; Salzer et al., 1993; Snyers et al., 1998, 1999). 
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Figure 23: Predicted membrane topology of STOML-1 and Podocin.  

STOML-1 shows a hairpin-like transmembrane domain (grey) that is inserted in the plasma membrane, while 

the N- and C- terminal are facing the cytoplasm. In blue the SPFH domain. In red is showed the palmytoilation 

of a N-terminal residue of the transmembrane domain. Podocin shows a similar topology but it lacks of 

palmytoilation and it has a longer C-terminal cytoplasmic tail (Image modified from Browman et al., 2007). 

 

Stomatin proteins isolated by solubilization and density gradient centrifugation are organized in high-

order homo-oligomers (Figure 24). The mechanism underlying the oligomer formation is still not understood. 

However, the stomatin chains are not covalently linked because they are readily identified by SDS-PAGE 

(Salzer and Prohaska, 2001; Snyers et al., 1998). Since an atomic resolution structure of the mammalian 

stomatin protein is still missing, it is of great interest the solved crystal structure of the archaebacterial 

stomatin from Pyrococcus horikoshii to predict the topological and structural characteristics of the 

mammalian stomatins (Figure 24). Yokoyama et al. (2008) have shown that the core stomatin-domain is per 

se able to oligomerise forming a stable trimer, while α helical extensions at the C-terminus may participate 

in membrane bending. 
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Figure 24: Predicted homology model of trimeric STOML-3 based on the known structure of the trimeric 

phStomatin. 

The model was created using SWISS-MODEL. The C-terminal and SPFH domain are indicated (Image modified 

from Lapatsina et al., 2012). 

 

4.3 Expression pattern 

Apart from being a major erythrocyte membrane protein, it was immediately noticed the stomatin's 

widely expression in several tissues and cell types (Hiebl-Dirschmied et al., 1991b; Stewart et al., 1992). This 

expression is not surprising if we think that the promoter region of the stomatin gene showed typical features 

like those of a household gene. Moreover, Northern blot analyses and microarray databases (like the Gene 

Expression Atlas, at http://symatlas. gnf.org/SymAtlas/), strongly confirmed this evidence. However, the 

expression level of stomatin transcripts was comparatively low in the brain in comparison with other organs 

and tissues (Salzer et al., 2007; Unfried et al., 1995). 
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In nucleated cells, stomatin is found mainly in two specific cellular compartments: the plasma 

membrane and the juxtanuclear vesicle region (Snyers et al., 1997). A similar distribution pattern was found 

in epithelial cells, fibroblasts, and endothelial cells. Stomatin is particularly concentrated in the microvilli of 

polarized cells, and it is associated with actin microfilaments probably thanks to adaptor proteins (Browman 

et al., 2007; Salzer et al., 2007; Snyers et al., 1997).  

When cell membranes are solubilized with Triton X-100 at a low temperature, the stomatin-domain 

proteins display a strong enrichment in the detergent-resistant membranes (Salzer and Prohaska, 2001; 

Snyers et al., 1999). For this reason, all stomatin family members, except for STOML-2 which lacks a 

hydrophobic intramembrane domain, have been classed as lipid raft-associated proteins (Morrow and 

Parton, 2005; Wang and Morrow, 2000). 

 

4.4 Stomatin 

Stomatin is the founding member of the stomatin proteins family and is a ubiquitously expressed 

membrane protein unrelated to any known ion channel or transporter. Like other proteins playing a 

structural role in plasma membrane organisation, such as ezrins and flotillins, stomatin forms higher-order 

oligomers, is associated with lipid rafts and is phosphorylated and palmitoylated (Gallagher and Forget, 1995; 

Salzer et al., 1993; Snyers et al., 1998, 1999; Stewart et al., 1993).  

There is clear evidence that stomatin can directly modulate the activity of members of the acid-

sensing ion channel (ASIC) family. The overexpression of stomatin in cells expressing ASIC3 and ASIC2a results 

into a profound loss of proton-gated currents mediated by ASIC3 and increased desensitisation of ASIC2a 

currents (Price et al., 2004). Proton-gated ASICs channels are expressed in different parts of the nervous 

system and are involved in nociception and mechanosensation (Wemmie et al., 2006). Potentially, stomatin 

could regulate ASICs activity in the nervous system. However, these models are based on studies using 

heterologous expression system, and the observed interaction still needs to be confirmed in vivo (Browman 

et al., 2007; Lapatsina et al., 2012). 

In human erythrocytes, stomatin interacts with and modulates the activity of the glucose transporter 

type 1 (GLUT-1). The amount of exogenously expressed stomatin inversely correlates with GLUT-1 activity, 

and this reciprocal relationship was observed also in vivo studies (Montel-Hagen et al., 2008; Zhang et al., 

2001). A possible explanation of the depressing effect of stomatin on the GLUT-1 activity is that reversible 

recruitment of GLUT-1 to stomatin-containing rafts could result in a novel mechanism of GLUT-1 regulation 

(Rubin and Ismail-Beigi, 2003). However, the mechanisms by which stomatin regulates the activity of GLUT-

1 are far to be elucidated (Lapatsina et al., 2012; Salzer et al., 2007). 

Finally, stomatin is expressed in sensory ganglia, where it may regulate ASICs channels as well as 

mechanosensory transduction as has been shown for mechanosensory abnormality protein 2 (MEC-2), the 

best characterised of the nine stomatin-like orthologues in Caenorhabditis elegans (Green and Young, 2008; 

Huang et al., 1995; Mannsfeldt et al., 1999). Indeed, a sub-population of skin mechanoreceptors from 

stomatin knock-out mice revealed reduced mechanosensitivity in the absence of changes in membrane 

excitability (Martinez-Salgado et al., 2007). However, these effects on mechanotransduction were much less 

pronounced than those found after gene deletion for the closely related STOML-3 (Wetzel et al., 2007). 

 

4.5 STOML-1 

STOML-1 is a membrane protein that consists of two distinct structures: a typical stomatin-domain 

at the N-terminus and an additional sterol carrier protein-2 (SCP-2) domain at the C-terminus. A similar 
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pattern has been found also for the orthologue of STOML-1 in Caenorhabditis elegans called uncoordinated 

protein 24 (UNC-24). The SCP-2 domain is involved in lipid/sterol transport and transfer (Barnes et al., 1996; 

Sedensky et al., 2004). Up to now, there is no clear evidence about an in vivo function for this protein. In cell 

lines, STOML-1 is targeted to the late endosomal compartment where it interacts with stomatin, while it is 

mainly expressed in the brain in comparison with other tissues (Mairhofer et al., 2009; Wang and Morrow, 

2000). Unpublished studies from the Lewin group reported in Lapatsina et al. 2012, show that STOML-1 is 

significantly expressed in a subpopulation of sensory neurones in the dorsal root ganglia. The Lewin group 

has generated a mice model with a null mutation of the STOML-1 gene, and these mice may indeed have a 

deficit in mechanosensory function (Lapatsina et al., 2012). Further studies are necessary to elucidate the 

precise role of this protein in the nervous system and whether STOML-1 has a role in the physiological 

modulation of ion channels. 

 

4.6 STOML-2 

STOML-2 is the only stomatin-family member that lacks a hydrophobic domain for membrane 

anchoring at its N-terminus. It is a peripheral membrane protein that most probably separated early in the 

evolution from the rest of the family (Green and Young, 2008; Wang and Morrow, 2000). STOML-2 not only 

is expressed in mature erythrocytes, but it is widely distributed in several tissues (Wang and Morrow, 2000). 

Moreover, STOML-2 shows a mitochondrial localisation sequence at its N-terminus and many mitochondrial 

proteomic studies have confirmed its presence in mitochondria (Da Cruz et al., 2003; Reifschneider et al., 

2006; Schmitt et al., 2006). In erythrocytes and neuronal cells, STOML-2 can interact with the peripheral 

membrane skeleton forming high-order oligomers. The membrane attachment is probably due to lipid 

modifications similar to the palmitoylation of stomatin (Kirchhof et al., 2008; Lapatsina et al., 2012; Wang 

and Morrow, 2000).Mitochondrial stress results in up-regulation of STOML-2 and increases in protein 

turnover. Moreover, depletion of STOML-2 was shown to lead to degradation of prohibitins and subunits of 

complexes I and IV of the mitochondrial respiratory chain (Schmitt et al., 2006). It has been proposed that 

STOML-2 may be required to protect mitochondria from stress-induced mitochondrial hyperfusion (Tondera 

et al., 2009).  

Interestingly, STOML-2 is up-regulated in many different cancer types and premalignant lesions, 

thereby possibly serving as a marker for early detection of specific forms of cancer. It is associated with higher 

levels of mortality, and it has been reported that STOML-2 promotes cell proliferation and cell adhesion. 

STOML-2 may work as a transmembrane linker between the extracellular matrix and the cytoskeleton (Cui 

et al., 2007; Salzer et al., 2007; Zhang et al., 2006).  

Finally, it is reasonable to think that STOML-2 plays a role in essential biological functions because 

mice carrying null alleles of the stoml-2 gene are not viable (Heppenstall, Seifert and Lewin unpublished). 

However, more detailed analysis of the STOML-2 physiology is required to clarify the mode of action of this 

intriguing protein. 

 

4.7 STOML-3 

STOML-3, also known as stomatin-related olfactory protein (SRO), was first identified as a specific 

protein of unknown function expressed by OSNs (Kobayakawa et al., 2002). STOML-3 is the closest relative 

of stomatin, and it shares about 77% of similarity in its amino acid sequence also with the stomatin 

orthologue MEC-2. However, STOML-3 expression is restricted to just a few neuronal tissues including 

mechanosensory neurones of the dorsal root ganglia, whereas stomatin is almost ubiquitously expressed 
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(Browman et al., 2007; Lapatsina et al., 2012). Wetzel et al. (2007) demonstrated that STOML-3 has a 

fundamental role in mechanosensation, suggesting that this function is conserved in mammalian systems. 

STOML-3-deficient mice show strongly reduced touch sensitivity, in accordance with the worm’s mec-2 null 

phenotype, and this confirms that STOML-3 is functionally orthologous to the MEC-2 protein. The absence of 

response to mechanical stimuli is due to the loss of function of a subset of skin mechanoreceptors, which are 

dependent on STOML-3 (Wetzel et al., 2007). 

In mammals, the touch sensation of the skin is thought to be mediated by the proton-gated ASIC 

channels that are expressed in different parts of the nervous system, since they are involved in nociception, 

taste and mechanosensation (Wemmie et al., 2006). Interestingly, like stomatin, STOML-3 modulates the 

activity of the ASIC ion channels inhibiting the amplitude of their currents. Indeed, the proton gated currents 

are larger in sensory neurones from STOML-3 knock-out mice (Wetzel et al., 2007). However, the molecular 

mechanisms that enable STOML-3 to modulate mechanotransduction channels and ASIC proteins are not yet 

understood. 

 

4.8 Podocin 

Podocin is exclusively expressed in kidney podocytes where it is part of a multiprotein complex that 

localizes on the slit diaphragm. This structure is a specialized intercellular junction in the mammalian kidney 

that forms a tight filtration slit around the glomerular capillaries also named the glomerular filtration barrier. 

Mutations in podocin or other proteins involved in the filtration barrier lead to congenital nephrotic 

syndromes and kidney failure (Benzing, 2004; Huber and Benzing, 2005). The podocin gene was first 

identified as being mutated in patients with a familial idiopathic nephrotic syndrome (Boute et al., 2000). 

Subsequent genetic studies reported that the most common cause of the hereditary nephrotic syndrome is 

ascribed to mutations in the podocin gene (Tsukaguchi et al., 2002). 

In the same way as other stomatin-family members, podocin forms oligomers, and it interacts with 

proteins involved in tight junction formation (Shono et al., 2007). Podocin also colocalises with nephrin and 

cytoskeleton. Thus, it may act as a scaffolding protein that organises lipid-protein domains (Saleem et al., 

2002). and it is absolutely required for the proper formation of the slit diaphragm (Roselli et al., 2004). 

It has been proposed that podocin may also participate in mechanotransduction events within the 

slit diaphragm of the podocyte. Indeed, there is evidence that podocin associates with cholesterol in the 

membrane and binds directly to the TRP ion channel TRPC6 enhancing its ion channel activity (Huber et al., 

2006). Interestingly, mechanical stretch leads to TRPC6 activation (Spassova et al., 2006). Therefore, podocin 

might be involved in mechanosensation, and it might function as a sensor of glomerular pressure or filtration 

rate in the kidney filtration barrier through the TRPC6 activity modulation (Huber et al., 2006). 

 

4.9 Stomatin family members in the MOE  

There is evidence in the literature that all the stomatin-domain proteins, except podocin, are 

expressed in the MOE. However, the expression level and compartmentalization seem to be different for 

each member.  

In 2002, the Sakano and Reed groups independently identified STOML-3 and characterized its 

expression in the murine MOE by in situ hybridization and immunohistochemistry (Figure 25). Both studies 

revealed that STOML-3 is specifically and highly expressed in mature OSNs of the MOE but not in the VNO or 

other tissues, confirming its very restricted expression pattern. Moreover, western blotting and 

immunohistochemistry assays showed that STOML-3 is expressed in the apical portion of the OSNs, and it is 
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localized mainly to the membrane fraction of olfactory cilia (Figure 25, C; Goldstein et al., 2003; Kobayakawa 

et al., 2002). 

 

Figure 25: STOML-3 in the main olfactory epithelium. 

A- In situ hybridization assay showing STOML-3 mRNA in the OSNs layer. There is no evidence of STOML-3 

transcripts in SCs and basal cells (Sus = Supporting cells; ORN = Olfactory sensory neurons; scale bar, 20 μm; 

image modified from Goldstein et al., 2003). B- Immunohistochemical detection of STOML-3 in the cilia of 

mouse OSNs (scale bar, 250 μm). C- High magnification of a section from the image in (B) (ci = OSNs’ cilia; 

scale bar, 10 μm; image modified from Kobayakawa et al., 2002).  

 

Kobayakawa et al. (2002) also found stomatin transcripts in the murine MOE. However, it is well 

known that the founding member of the stomatin-family is almost ubiquitously expressed. Indeed, the same 

group reported that stomatin is expressed in other tissues tested, such as VNO, retina and tongue. 

Importantly both stomatin and STOML-3 were identified in the OSNs but not in SCs of the MOE, suggesting a 

specialized function for these proteins in the olfactory transduction pathway (Goldstein et al., 2003; 

Kobayakawa et al., 2002).   

Recently, other transcriptomic studies reported that not only STOML-3 and stomatin are the most 

abundant members of the stomatin-domain family, but they are highly expressed also considering the whole 

MOE transcriptome (Fletcher et al., 2017; Kanageswaran et al., 2015; Saraiva et al., 2015). Interestingly, 

Wetzel et al. (2007) noticed that the expression pattern of stomatin and STOML-3 is higher in the MOE if 

compared with the other tissues tested. Moreover, transcriptomic and proteomic data showed that even 

STOML-1 and STOML-2 are expressed in the murine OE, but they displayed a lower rate of expression 

(Fletcher et al., 2017; Kanageswaran et al., 2015; Saraiva et al., 2015). 

It is possible that some members of the stomatin-domain family, especially STOML-3, are enriched 

in the lipid rafts of olfactory cilia. Indeed, STOML-3 colocalized with ACIII and caveolin-1, a well-known lipid 

raft-associated protein marker (Kobayakawa et al., 2002). Schreiber et al. (2000) reported that important 

components of the olfactory transduction machinery (such as Golf and ACIII) are found in the lipid rafts of 

OSNs’ cilia. Anti-STOML-3 antibodies enhanced the cAMP production in the cilia membrane fraction, and this 

result confirms the interaction between ACIII and STOML-3 (Kobayakawa et al., 2002). Furthermore, stomatin 

and STOML-3 have a peculiar high level of expression in the MOE, and this strongly suggests that they may 

participate in the formation of supramolecular complexes capable to generate odorants-induced signals. At 

present, we are still far away from understanding if the stomatin-domain proteins are involved in the 

olfactory transduction, and how they could modulate it. 

A B C 
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5. Aims: 

Regarding the project focused on the investigation of STOML-3 in the modulation of the olfactory 

transduction in OSNs from the MOE, the aims of the work were: 

- To test if the lack of the STOML-3 protein affects the growth, the morphology, and the transduction 

machinery of mouse OSNs comparing WT and KO mice using immunohistochemical and western-blot 

assays from. 

 

- To test whether OSNs from WT and KO mice for STOML-3 have similar passive membrane properties 

and voltage-gated currents performing whole-cell voltage-clamp experiments.  

 

- To investigate if the STOML-3 protein influences the spontaneous firing pattern in mouse OSNs 

comparing OSNs from WT and KO mice using loose-patch recordings 

 

- To investigate the action potential firing in OSNs stimulated by IBMX and an odorant mixture 

comparing OSNs from WT and KO mice using loose-patch recordings 

 

Regarding the project focused on the investigation of TMEM16A mediated current in SCs from the MOE, the 

aims of the work were: 

- To test whether the TMEM16A channels are expressed in SCs from the entire mouse MOE or if their 

expression is restricted to SCs from a specific portion of the epithelium using immunohistochemical 

assays. 

 

- To investigate the functional expression of the TMEM16A channels in SCs from the transition and the 

dorsal zone of the MOE performing whole-cell voltage-clamp experiments. 

 

- To confirm that the TMEM16A channels expression is necessary for mediating the calcium-activated 

chloride current in SCs from the transition and the dorsal zone of the olfactory epithelium performing 

whole-cell voltage-clamp experiments in KO mice for TMEM16A. 

 

- To investigate if ATP stimulation can induce a transient calcium increase in SCs from the MOE that 

leads to the activation of TMEM16A mediated currents combining confocal calcium imaging with 

whole-cell voltage-clamp experiments.  
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6. Results: 
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STOML3 modulates action potential firing in olfactory sensory neurons 
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ABSTRACT 

 

Stomatin-like protein-3 (STOML3) is an integral protein expressed in the cilia of the olfactory sensory 

neurons, but its functional role has never been addressed. It is also expressed in dorsal root ganglia and has 

been shown to be implicated in touch sensation. Due to its expression in the cilia where the first steps of 

olfactory transduction take place, we hypothesized that STOML3 could be involved in odorant responses in 

olfactory sensory neurons. We confirmed and extended previous results showing that STOML3 is mainly 

expressed in the knob and proximal cilia of olfactory sensory neurons and that mice lacking STOML3 have a 

morphologically normal olfactory epithelium. To investigate the functional role of STOML3, we performed 

loose patch recordings and found that mutant olfactory sensory neurons had a spontaneous firing activity 

with a lower mean frequency and a different interspike intervals distribution compared to control. Moreover, 

firing activity in response to stimuli showed a lower number of spikes and a shorter duration in neurons 

lacking STOML3 compared to wild type. We conclude that STOML3 has a physiological role in olfaction, 

modulating firing of olfactory sensory neurons. 
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INTRODUCTION 

 

Olfactory perception begins with the binding of molecules to odorant receptors in the cilia of 

olfactory sensory neurons (OSNs) in the olfactory epithelium. This binding initiates a transduction cascade 

that involves the activation of G-proteins, adenylyl cyclase type III (ACIII), phosphodiesterases (PDEs), CNG 

and TMEM16B ion channels (Billig et al., 2011; Bönigk et al., 1999; Buck and Axel, 1991; Chen et al., 1999; 

Cygnar and Zhao, 2009; Kleene and Gesteland, 1991; Nakamura and Gold, 1987; Pifferi et al., 2009; Reisert, 

2010; Reisert and Reingruber, 2019; Schroeder et al., 2008; Stephan et al., 2009; Yan et al., 1995; Zheng and 

Zagotta, 2004). The activation of the transduction cascade leads to the generation of inward currents that 

produce membrane depolarization, activation of voltage-gated currents and generation of action potentials 

that propagate along the axons of OSNs to the olfactory bulb (Dibattista et al., 2017; Firestein, 2001; Kleene, 

2008; Lindemann, 2001; Menco and Morrison, 2003; Mombaerts, 2004; Pifferi et al., 2010; Schild and 

Restrepo, 1998). 

The physiological role of several proteins highly expressed in the cilia of OSNs is still unknown, 

including that of stomatin-like protein-3 (STOML3). STOML3 was identified in the mouse olfactory epithelium 

by Kobayakawa et al. (2002) and first named SRO, and a year later Goldstein et al. (2003), who named it SLP3. 

STOML3 is a member of the family of stomatin proteins characterized by the presence of a structurally 

conserved core domain of near 120 residues called stomatin-domain, that is further related to the SPFH 

domain (Stomatin, Prohibitin, Flotillin, HflK/HflC; Green and Young, 2008; Lapatsina et al., 2012; Tavernarakis 

et al., 1999). Stomatin proteins are found in all three domains of life with a remarkable conservation, with 

bacterial and human homologous sharing 50% identity. In the mammalian genome, 5 members of the 

stomatin family have been identified all sharing 40/84% sequence similarity in the stomatin-domain and with 

similar membrane topology characterized by a single, relatively short, hydrophobic membrane insertion 

domain, followed by the core stomatin domain (Green and Young, 2008; Lapatsina et al., 2012). Several 

recent studies began to reveal some common aspects of the physiology of the stomatin proteins. In 

particular, it has been demonstrated that they can form oligomers, they mostly localize to membrane 

domains and they can modulate ion channel activity, even if the precise mechanisms of this regulation are 

still unclear (Brand et al., 2012; Lapatsina et al., 2012; Poole et al., 2014). 

As aforementioned STOML3 is expressed in OSNs (Goldstein et al., 2003; Kobayakawa et al., 2002; 

Kulaga et al., 2004; Kurtenbach et al., 2017; Tadenev et al., 2011) and therefore might play a role in olfactory 

transduction, we analyzed in detail the expression and the subcellular localization of STOML3 in the mouse 

olfactory epithelium and confirmed its presence in the cilia of OSNs, the site of olfactory transduction. By 

using a knock-out (KO) mouse line for STOML3 (Wetzel et al., 2007), we first verified that mice lacking 

STOML3 have a morphologically normal olfactory epithelium and expression of several proteins involved in 

transduction.  We then asked if STOML3 plays a role in OSN firing by measuring spontaneous and stimulus-

induced spiking activity in the loose-patch configuration in WT and STOML3 KO mice. We found that STOML3 

plays a physiological role in OSNs by regulating both spontaneous firing and responses to IBMX and odorant 

mixtures.   
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MATERIALS AND METHODS 

 

Animals 

 

Mice were handled in accordance with the Italian Guidelines for the Use of Laboratory Animals and 

European Union guidelines on animal research, under a protocol approved by the ethics committee of Scuola 

Internazionale Superiore di Studi Avanzati (SISSA).   

Experiments were performed on tissues from STOML3 KO and WT mice derived from breeder pairs 

provided by G. Lewin (Wetzel et al., 2007). 

 

Immunohistochemistry  

 

The head containing the nasal cavity was fixed in 4% paraformaldehyde in PBS pH 7.4 for 4 hours at 

4 °C. After fixing, heads of mice were incubated in 0.5 M EDTA for 2 days. The tissues were cryoprotected by 

incubation in 30% sucrose in PBS pH 7.4 overnight. Tissue was immersed in cryostat embedding medium 

(BioOptica) and immediately frozen at −80 °C. 18 μm coronal sections were cut on a cryostat and mounted 

on Superfrost Plus Adhesion Microscope Slides (ThermoFisher Scientific). The sections were air-dried for 3 

hours. To wash the cryostat embedding medium from tissue, slices were incubated 15 minutes with PBS. 

Tissue was treated for 15 minutes with 0.5 % sodium dodecyl sulphate in PBS for antigen retrieval, then 

washed and incubated in blocking solution (2% normal goat serum, 0.2% Triton X-100 in PBS) for 90 minutes 

and finally overnight at 4°C in primary antibodies diluted in blocking solution. The following primary 

antibodies (catalog number, dilution; company) were used: mouse monoclonal anti-acetylated tubulin 

(T7451; 1:100; Sigma); polyclonal rabbit anti-ACIII (sc-588; 1:100, Santa Cruz Biotechnology); polyclonal goat 

anti-CNGA2 (sc-13700; 1:100, Santa Cruz Biotechnology); polyclonal rabbit anti-Ki67 (sc-7846, 1:250, Santa 

Cruz Biotechnology); polyclonal goat anti-OMP (544-10001, 1:1000, Wako); mouse monoclonal anti-p63 

(CM163, 1:250, Biocare Medical); polyclonal rabbit anti-STOML3 (13316-1-AP, 1:200, Proteintech), polyclonal 

rabbit anti-TMEM16B (NBP1-90739,1:250, Novus). After removal of the excess of primary antibodies with 

PBS washes, sections were incubated with Alexa Fluor-conjugated secondary antibodies (1:500 dilution) in 

TPBS (Tween 20 0.2% in PBS) for 2 hours at room temperature, washed and mounted with Vectashield 

(Vector Laboratories) or FluoromontG (ThermoFisher). DAPI (5 μg/ml) was added in solution containing 

secondary antibody to stain the nuclei. Secondary antibodies used were Alexa 594-conjugated donkey anti-

goat, Alexa-594 conjugated chicken anti-rabbit Alexa 488-conjugated goat anti-rabbit, Alexa 488-conjugated 

donkey anti-mouse (ThermoFisher). For antibodies anti-Ki67 and anti-p63 we used heat antigen retrieval 

protocol instead of treatment with SDS. Tissue was put in a container with sodium citrate buffer (10 mM 

Sodium Citrate, 0.05% Tween 20, pH 6.0) and heated at 100°C with microwave for 5 min. After cooling down, 

sodium citrate buffer was washed, and the rest of procedure was the same as aforementioned. To reveal anti 

STOML3 we applied the tyramide signal amplification method using the Tyramide SuperBoost™ Kit 

(ThermoFisher; Hunyady et al., 1996).  

Immunoreactivity was visualized with a confocal microscope (Nikon A1R or C1). Images were 

acquired using NIS Element software (Nikon) at 1,024 x1,024-pixel resolution and were not modified other 

than to balance brightness and contrast.  
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Whole mount cilia staining  

 

The olfactory turbinates were exposed by bisecting the head along the midline and removing the 

septum. The hemiheads were fixed with 4% paraformaldehyde in PBS pH 7.4 for 20 min at room temperature 

and then washed with PBS. Endogenous biotin was blocked by using Avidin/Biotin Blocking Kit (Vector 

Laboratories) following the manufacturer's protocol. The preparation was incubated for 2 hours with the 

biotinylated lectin Dolichos biflorus agglutinin (VectorLabs) at 20 µg/ml concentration in PBS, then washed 

at least 3 times with PBS, 10 minutes each. The preparation was incubated for 3 hours with Streptavidin-

Alexa Fluor594 (ThermoFisher) diluted 1:500 in PBS and washed again. Then turbinates were dissected out 

from the nasal cavity and mounted on FluoroDishes (World Precision Instruments) with Vectashield (Vector 

Laboratories) or Fluoromont-G (ThermoFisher). A coverslip was gently placed on the tissue to press and close 

cilia to the glass bottom of the FluoroDish. 

 

Western blot  

 

Olfactory epithelium from adult mice was lysed with RIPA buffer (25 mM Tris pH 7.5, 1% NP40, 150 

mM NaCl, 0.5% Deoxycholate, 0.1% SDS) containing Complete™ mini Protease Inhibitor Cocktail (Roche). 300 

µl of lysis buffer was used for each mouse. Tissue was homogenized with electrical homogenizer at low speed. 

After lysis, the olfactory epithelium was incubated 1 hour on ice mixing gently every 15 minutes. Lysates were 

cleared by centrifugation 10 minutes at 10000 g at 4°C and supernatants was stored separately and their 

protein concentration measured with Pierce™ BCA Protein Assay Kit (ThermoScientific) according to the 

manufacturer’s protocol.  

For Western Blot, 40 µg of protein extract dissolved in Laemmli buffer (2x buffer concertation: 125 

mM Tris pH 6.8, 4% SDS, 20% glycerol, 0.1% bromophenol blue and 10% β-mercaptoethanol, added fresh) 

were loaded in each well of an 8-12 % Acrylamide/Bis-acrilamide gel (Sigma) for SDS-PAGE electrophoresis.  

After separation, gel containing proteins was equilibrated 10 min in transfer buffer (25 mM Tris, 192 mM 

glycine pH 8.3, 15% MeOH), and then proteins were transferred to PDVF membrane with pore size of 0.45 

µm (ThermoScientific). Membrane was blocked in 5% no fat milk in TBS at room temperature for 1 hour and 

then incubated overnight with primary antibodies diluted in 5% no fat milk in TBS. Then membrane was 

washed 3 times with TBS-T (0.1% Tween-20 in TBS) and incubated with horseradish peroxidase-conjugated 

secondary antibodies in TBS-T for 1 hour.  Signal was developed using Super Signal West Pico PLUS 

Chemiluminescent substrate (ThermoScientific) or Super Signal West Atto ultimate Chemiluminescent 

substrate (ThermoScientific). The following primary antibodies (catalog number, dilution; company) were 

used: polyclonal rabbit anti-ACIII (sc-588; 1:1000, Santa Cruz Biotechnology); polyclonal rabbit anti-CNGA2 

(ab96410; 1:500, Abcam); polyclonal goat anti-OMP (544-10001, 1:5000, Wako); polyclonal rabbit anti-

STOML-3 (13316-1-AP, 1:1000, Proteintech), polyclonal rabbit anti-TMEM16B (20647-1-AP, 1:2000, 

Proteintech); monoclonal mouse anti-acetylated tubulin (T8203, 1:5000, Sigma). The following secondary 

antibodies (catalog number, dilution; company) were used: polyclonal Goat Anti-Rabbit HRP (P0448, 1:2000, 

Dako); polyclonal Rabbit Anti-Goat HRP (P0449, 1:2000, Dako) and polyclonal Goat Anti-Mouse HRP (P0447, 

1:2000, Dako).  

 

Electrophysiological recordings from OSNs 

 

Acute coronal slices of the olfactory epithelium were obtained from P0-P4 mice with a method similar 

to those previously described (Dibattista et al., 2008; Henriques et al., 2019; Pietra et al., 2016; Shimazaki et 

al., 2006; Wong et al., 2018). The head without the skin of a P0-P4 mouse was dissected and embedded in 
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3% Type I-A agarose prepared in Ringer’s solution once the solution cooled to 38°C. The Ringer’s solution 

contained (in mM): 140 NaCl, 5 KCl, 2 CaCl2, 1 MgCl2, 10 HEPES, 10 glucose, adjusted to pH 7.4 with NaOH. 

Coronal slices from the mouse olfactory epithelium of 300 µm thickness were cut with a vibratome 

(Vibratome 1000 Plus Sectioning System) and kept in cold oxygenated Ringer’s solution until use.  

Slices were transferred to a recording chamber continuously perfused with oxygenated Ringer’s 

solution at room temperature and viewed with an upright microscope (BX51WI; Olympus), equipped with 

infrared differential contrast optics, a camera (DFK 72BUC02; Imaging Source) and a 40 X water-immersion 

objective with an additional 2 X auxiliary lens. OSNs were identified by their morphology. Experiments were 

recorded at room temperature (20–25°C) using a MultiClamp 700B amplifier controlled by Clampex 10.6 via 

a Digidata 1550B (Molecular Devices). Data were low-pass filtered at 2 kHz and sampled at 10 kHz. The bath 

was grounded via a 3 M KCl agar bridge connected to an Ag/AgCl reference electrode. Patch pipettes were 

pulled from borosilicate capillaries (WPI) with a Narishige PC-10 puller.  

Extracellular recordings from the soma of OSNs were obtained in the on-cell loose-patch 

configuration using patch pipettes of 2-3 MΩ when filled with Ringer. Seal resistances were 30-50 MΩ. 

Extracellular recordings were made in voltage-clamp mode with a holding potential of 0 mV. Stimuli were 

delivered through an 8-into-1 multi-barrel perfusion pencil connected to a ValveLink8.2 pinch valve perfusion 

system (Automate Scientific, Berkeley, CA, USA). To test the cell viability, a high K+ Ringer solution (25 mM 

KCl) was applied in 3 s pulses and experiments were performed only on OSNs responding to this stimulus.  

Control experiments measuring membrane properties and voltage-gated inward and outward 

currents were performed in the whole-cell voltage-clamp configuration. Patch pipettes had resistances of 4-

7 MΩ when filled with the intracellular solution composed of (in mM): 145 KCl, 4 MgCl2, 0.5 EGTA, and 10 

HEPES, adjusted to pH 7.2 with KOH.  

Heptaldehyde, Isoamyl acetate, Acetophenone, Cineole and Eugenol were dissolved in dimethyl 

sulfoxide (DMSO) at 5 M. The odorants mixture was prepared diluting each odorant at the final concentration 

of 100 µM on the day of the experiment. 3-Isobutyl-1-methylxanthine (IBMX) was prepared weekly by 

dissolving into Ringer’s solution at the final concentration of 1 mM. 

 

Analysis of electrophysiological data  

 

IgorPro software (WaveMetrics) and Clampfit (Molecular Devices) were used for data analysis and 

figure preparation.  

Recordings were filtered offline with a high-pass filter at 2 Hz to eliminate slow drifts in the baseline. 

Individual action potentials were identified by an event detection algorithm using an arbitrary threshold, and 

each event was confirmed by shape inspection. The starting time of each event was taken as the time for 

that individual action potential. Mean spontaneous firing frequency was calculated as the number of spikes 

divided by the duration of the recording. Inter-spike interval (ISI) was calculated measuring the time between 

consecutive spikes (second to first, third to second, and so forth). To construct the ISI distribution, we 

calculated the ISI for all spikes for each cell, then we grouped the ISIs in bins as indicated in the figures and 

divided the value of each bin by the total number of calculated ISIs for each cell. Finally, we averaged the 

distribution obtained from all cells of the group (Arnson and Holy, 2011). The values in y-axes represent the 

percentage of spikes in each bin, the area under the curve is 100%.  

The averages obtained from individual experiments in different cells are presented as mean ± SEM 

and the number of cells recorded (n). Cells were obtained from at least 3 different WT or KO mice. When 

data were not normally distributed (Jarque-Bera test or Shapiro-Wilk test) statistical significance was 

determined by Wilcoxon-Mann-Whitney’s test (U-test). Kolmogorov-Smirnov test was used to compare the 

cumulative distributions. P-values <0.05 were considered statistically significant. 
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RESULTS  

 

STOML3 expression in the olfactory epithelium 

 

STOML3 protein has been shown to be expressed in mouse olfactory epithelium and to localize in 

the mature OSNs but its functional role in the olfactory system is still elusive. We decided to investigate the 

role of the STOML3 protein in OSNs by taking advantage of a loss of function approach using the STOML3 KO 

mouse model.  

First, we sought to confirm the expression pattern of STOML3 in the olfactory epithelium of the WT 

mice by using immunofluorescence.  

Immunofluorescence for STOML3 showed a clear staining of the ciliary layer (Fig. 1). In particular, the 

staining pattern suggests a localization of the STOML3 in the knob and proximal part of the cilia (Fig. 1A-C). 

The OSNs cilia were visualized by marking the ciliary protein acetylated tubulin and we observed a partial 

overlap with STOML3 (Fig. 1C). While the acetylated tubulin pattern seemed unaltered in KO, the STOML3 

staining was absent, thus demonstrating the specificity of our staining (Fig. 1D-F). 

Beside the intense signal of the knob/cilia we could also see a sparse localization of STOML3 in the 

mature OSNs cell bodies, signal that disappeared in the KO (Fig. 1B,E).  

Together, our data confirm and extend previous results showing that STOML3 is mainly expressed in 

the knob and proximal ciliary region of OSNs. 
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Figure 1. STOML3 is expressed in knob/proximal cilia of OSNs. A. Antibodies against Acetylated Tubulin (Ac. Tubulin) 

stained the ciliary region of the OE. STOML3 localized in the same ciliary region and OSNs cell bodies (B). A merge of the 

two images shows that STOML3 has a diffuse staining that co-localized with Ac. Tubulin (yellow regions in C) and a more 

defined staining of the region below the Ac. Tubulin in the region occupied by the OSN’ knobs. The signal disappeared 

in the OE of the STOML3 KO mice (D-F). Nuclei were stained with DAPI (blue). 

 

 

Knocking out STOML3 does not change structural and morphological properties of the olfactory epithelium 

 

Stomatin proteins have been implicated in the structural and morphological organization of different 

cellular complexes (Brand et al., 2012; Browman et al., 2007; Kobayakawa et al., 2002; Lapatsina et al., 2012; 

Poole et al., 2014; Qi et al., 2015; Salzer et al., 2007; Sezgin et al., 2017; Simons and Toomre, 2000; Umlauf 

et al., 2006; Wetzel et al., 2007) and, since STOML3 shares structural features with the other proteins of the 

same family, we asked whether STOML3 is important for the structural organization of the olfactory 

epithelium and its cell types.  

We performed immunostaining against the proteins of the signal transduction machinery that are 

abundantly expressed in the OSNs cilia. We found that ACIII, CNGA2 and TMEM16B localized to the ciliary 

layer together with acetylated tubulin both in WT and STOML3 KO mice (Fig. 2 A-L). By keeping the same 

acquisition settings, we did not observe any clear difference in staining intensity or in pattern expression in 

the KO.   

By Western blotting, we identified a 32 kDa band in WT as expected that was absent in KO mice. We 

then quantified the ciliary proteins and verified that ACIII, CNGA2, TMEM16B, OMP and acetylated tubulin 

had similar expression levels in WT and KO mice (Fig. 2M-N).  

Altogether, these results indicate that STOML3 is not involved in localization and expression levels of 

several members of the transduction cascade. 
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Figure 2. Staining of Acetylated tubulin, ACIII (A-D), CNGA2 (E-H), TMEM16B (I-L), are comparable between the WT 

and KO mice. Sections are counterstained with DAPI. Scale bar, 10 μm. M, Western blot analysis of total OE proteins. 

N, Expression level relative to tubulin. WT, n = 10; KO, n = 10 mice. 

 

To better assess whether STOML3 could have a role in neuronal morphological organization we used 

DAB to mark the OSNs cilia for their entire length. We quantified the total ciliary length per analyzed OSNs 

and determined that, although there was a tendency for the KO to have a lower total ciliary length, this was 

not significant (Fig. 3 A-B and quantification in E). Also, the overall olfactory epithelium morphology was not 

changed since staining and counting of OMP positive cells did not reveal any difference in the number of 

OMP positive cells between WT and KO mice (Fig. 3G and 92 ± 5 for WT and 94 ± 5 for KO, n=3 mice). 

To further characterize the morphology of the olfactory epithelium, we stained the population of 

basal cells with Ki67 and p63, markers for horizontal (HBCs) and globose basal (GBCs) cells, respectively. 

These cells are usually located at the base of the olfactory epithelium lying on the basal lamina. We could see 



58 
 

Ki67 and p63 positive cells in their supposed location in both WT and KO (Fig. 3 E-F). In addition, no 

differences were observed in HBCs and GBCs numbers (Fig. 3 G, Ki67: 6.3 ± 0.9 for WT and 5.6 ± 0.6 for KO 

n=3 mice; p63: 7.8 ± 0.8 for WT and 7.7 ± 0.4 for KO). 

In summary, the absence of STOML3 did not alter the number of OSNs, HBCs and GBCs indicating 

that STOML3 does not contribute to the normal olfactory epithelium morphology.   

 

 

Figure 3. STOML3 KO mice have grossly normal OE.  Immunofluorescent staining of OE sections from control (A-C-E) 

and conditional STOML3 KO (B-D-F) mice. A and B, En-face view of whole-mount preparation of OE with cilia OSNs 

labeled by rhodamine-conjugated Dolichos biflorus agglutinin (DBA). Scale bar, 5 μm. G, Quantification of the total cilia 

length per OSN (error bars indicate SEM) for WT and KO (n=61 OSNs from 4 WT mice, n=57 OSNs from 4 KO mice). OMP 

stained the mature OSNs both in WT (C) and KO (D) and their quantification (H). E and F, basal cells positive to Ki67 (red) 

and p63 (green) and their quantification (E). Sections are counterstained with DAPI. Scale bar, 20 μm. 

 

STOML3 modulates spontaneous firing frequency in OSNs 

 

Based on recent findings on the STOML3 role in shaping the electrophysiological properties of 

mechanosensitive neurons (Brand et al., 2012; Lapatsina et al., 2012; Poole et al., 2014; Qi et al., 2015; Wetzel 
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et al., 2007) and on its expression in OSNs, we sought to investigate a possible role of STOML3 in the 

spontaneous and/or evoked electrical activities of OSNs. 

By using loose patch recordings, we investigated the spontaneous activity of OSNs in olfactory 

epithelium slices from WT and STOML3 KO mice. By recording from a substantial number of cells we could 

appreciate the heterogeneous patterns of spontaneous activity in WT OSNs (Fig. 4 A-C). Indeed, the raster 

plots of 38 recorded cells showed a huge variation in patterns ranging from almost silent OSNs (upper rows 

in Fig. 4C) to OSNs with elevated and sustained spontaneous firing (bottom rows in Fig. 4C). In STOML3 KO 

mice, OSNs seemed to have lower spontaneous activity. The raster plots in Fig. 4D shows that in KO there 

was an increase in the number of OSNs that have lower spontaneous firing. Indeed, OSNs in KO had lower 

spontaneous mean frequency compared to WT mice (Fig. 4E 1.4 ± 0.3 Hz for WT and 1.1 ± 0.3 Hz for KO, 

n=38-37 p<0.05 U-test). 

In addition, the ISI distribution revealed that brief ISIs were missing in STOML3 KO neurons compared 

to WT (Fig. 4F). The overall cumulative probability further showed that the ISI distribution was overall 

different between the WT and KO (Fig. 4G, p<0.001 Kolmogorov–Smirnov test). 

These results are the first to demonstrate that STOML3 plays a role in shaping OSNs spontaneous 

activity by increasing their mean firing frequency and decreasing the interspike intervals. 

As spontaneous firing in OSNs is mainly driven by the constitutive activity of the ORs that initiate and 

control the activation of the downstream signaling cascade (Connelly et al., 2013; Dibattista and Reisert, 

2016; Reisert, 2010), changes in the spontaneous firing of OSNs lacking STOML3 have led us to hypothesize 

that STOML3 might play a role in odorant signal transduction and the electrical response to odorants. 
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Figure 4. STOML3 modulates spontaneous firing frequency in OSNs. (A-B) Representative loose-patch recordings 

showing the spontaneous activity of OSNs from acute slices of OE from WT and KO mice. (C-D) Raster plots of recordings 

of the spontaneous activity of 38 and 37 OSNs from WT and KO mice, respectively. (E) Mean frequency of spontaneous 

activity in OSNs from WT and KO mice (n=38 for WT and n=37 for KO, *p<0.05 U-test). (F) Interspike interval (ISI) 

distributions of spontaneous firing from cells shown in C and D (bin = 5 ms). Values were normalized to the area under 

each curve to show the spike percentages for WT or KO mice. (G) Cumulative fraction of ISI distributions (***, p< 0.001, 

Kolmogorov-Smirnov test).  
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STOML3 regulates spike number and duration of the evoked response 

 

To further understand the potential involvement of STOML3 in the transduction events we recorded 

action potential firing in response to the phosphodiesterase inhibitor IBMX. It has been often used as 

surrogate of odorants as blocking PDE reveal the basal rate of cAMP production by ACIII (Cherry and Pho, 

2002; Cygnar and Zhao, 2009; Pietra et al., 2016; Wei et al., 1998). 

To test if STOML3 deletion modifies OSNs passive membrane properties or voltage-gated currents, 

we performed whole-cell recordings with KCl in the patch pipette and we did not find any significant 

difference in resting potential, input resistance and voltage-gated inward and outward currents (data not 

shown). 

In the loose patch configuration, we stimulated OSNs for 3 s with 1 mM IBMX and recorded the 

evoked firing activity (Fig. 5). In WT, the firing frequency of the response was on average 50 Hz and similar 

values were found for the KO (Fig. 5E). Surprisingly though, it was soon evident that the number of spikes 

was lower, and the duration of the response was shorter in KO than in WT mice. Indeed, quantification of the 

duration of the response and the number of spikes  showed that both were significantly different between 

WT and KO (Fig. 5 C-D For high K+ duration: 372 ± 49 ms n=29 for WT and 385 ± 75 ms n=23 for KO p>0.05 U-

test; spike number: 6.0 ± 0.6 n=29 for WT n and 5.0 ± 0.5 n=23 for KO p>0.05 U-test; For IBMX duration: 263 

± 38 ms n=19 for WT and 135 ± 27 ms n=20 for KO p<0.01 U-test; spike number: 10 ± 1 n=19 for WT n and 5 

± 1 n=20 for KO p<0.01 U-test). These differences were due to the activity of the transduction events since 

stimulation with high K+ of the same duration of IBMX did not show any alteration in firing activity duration. 

During IBMX stimulation, while both WT and KO showed spike trains with action potentials that were 

decreasing in size, only the KO fired fewer action potentials (a shorter spike train) followed by a period of 

“bumpy” noise (Fig. 5). 

Is the odorant response too modulated by STOML3? To address this question, we stimulated OSNs 

for 3 s with a mix of odorants (Fig. 5F-G) and recorded the evoked firing activity. As with the IBMX stimulation, 

WT and KO were both responding with a series of action potentials of decreasing size and at the same 

frequency (Fig. 5J). Clear differences emerged when we counted the number of spikes and the duration of 

the response that were respectively significantly lower and shorter in the KO compared to WT (Fig 5 H-I 189 

± 34 ms for WT and 95 ± 18 ms for KO n=8 p<0.01 U-test; 7 ± 1 for WT and 3.5 ± 0.3 for KO n=8 p<0.01 U-

test). 

In summary, differences in evoked firing activity in response to IBMX and odorant mix indicated a 

possible scenario where STOML3 may participate to the transduction events. Where? This is the question 

that we would need to answer with future experiments. 

 



62 
 

 

Figure 5. Representative loose-patch recordings of a OSN from WT (A) or KO (B) mice stimulated with high 

K+ (upper trace) or with 1mM IBMX (middle and lower traces). Comparison of duration response (C), evoked 

spikes (D), mean frequency of the response (E) to high K+ or 1 mM IBMX in OSNs from WT or KO (mice error 

bars indicate SEM). Representative loose-patch recordings of a OSN from WT (F) or KO (G) mice stimulated 
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with odor mixture. Comparison of duration response (H), evoked spikes (I), mean frequency of the response 

(J) to odor mixture in OSNs from WT or KO (mice error bars indicate SEM). 
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DISCUSSION 

 

In this study, we sought to understand the functional role of STOML3 protein expressed in the OSNs. 

It was shown to be expressed in mouse olfactory epithelium in OSNs (Goldstein et al., 2003; Kobayakawa et 

al., 2002) and our results confirmed the knob/proximal ciliary localization of STOML3 (Fig. 1). We 

hypothesized a possible role in organizing and/or modulating the transduction apparatus in OSNs and tested 

our hypothesis by analyzing mice where STOML3 was knocked out. We determined that the loss of STOML3 

does not alter the morphology of the olfactory epithelium (Fig. 3). STOML3 has been shown to be mis-

localized in BBS8 KO mice (Kulaga et al., 2004; Kurtenbach et al., 2017; Tadenev et al., 2011). BBS are proteins 

involved in ciliogenesis and ciliary transport (Jin and Nachury, 2009; Nachury and Mick, 2019) so we tested 

whether STOML3 might participate in these processes as well. We did not observe any significant alteration 

in the organization of the transduction machinery (Fig. 2) or in the ciliary structure (Fig 3) of the KO mice, 

thus concluding that STOML3 is not involved in the regulation of the olfactory epithelium structural and 

morphological development. 

Our main finding, though, is the involvement of STOML3 in the odorant transduction events rather. 

After that STOML3 was found in the OSNs, it was shown by only using biochemical methods that it 

interacted with ACIII and its blockage by antibodies against STOML3 lead to an increase in cAMP 

concentration measured from olfactory cilia preparations. Although olfactory cilia preparation and 

biochemical methods have traditionally been used to understand signal transduction in OSNs (Flannery et 

al., 2006; Kobayakawa et al., 2002; Restrepo and Teeter, 1990; Villar et al., 2017), they lack the resolution of 

the electrophysiological techniques, making it difficult to clearly understand the functional role of STOML3 

in OSNs. 

Therefore, by using loose patch recordings, we found that spontaneous activity is altered when 

STOML3 is missing, indicating a potential role of STOML3 in modulating spontaneous AP firing (Figure 4). In 

OSNs it has been shown that spontaneous firing is dependent from the activation of the signal transduction 

machinery by the constitutive activity of ORs (Connelly et al., 2013; Dibattista and Reisert, 2016; Reisert, 

2010). OR basal activation leads to basal cAMP oscillations that trigger the opening of CNG channels followed 

by that of TMEM16B. The resulting depolarization allow the OSN to fire AP, that could be suppressed by 

blocking TMEM16B activity or knocking down other elements of the transduction (Boccaccio and Menini, 

2007; Brunet et al., 1996; Cygnar and Zhao, 2009; Ferguson and Zhao, 2017; Knott et al., 2012; Michalakis et 

al., 2006; Nakashima et al., 2020; Pietra et al., 2016; Qiu et al., 2016; Reisert et al., 2005; Wong et al., 2000). 

Our experiments excluded the possibility that a significant alteration of the voltage gated Na and K channels 

could be responsible for the observed firing behaviour. Because of STOML3 expression site and the origin of 

spontaneous activity in OSNs, we could conclude that STOML3 could be a new player in the transduction 

mechanisms.  

In addition, we found that OSNs lacking STOML3 responded to IBMX stimulation with shorter spike 

trains compared to WT (Fig. 5). The spike trains in the KO rapidly shut off and did not reappeared during the 

duration of the entire stimulus. Same effects were observed during odor mix stimulation (Fig. 5) but not 

during the application of High K+, again strengthening our conclusions that STOML3 is modulating 

transduction events.  

We could depict at least three possible scenarios for the role of STOML3 in olfactory transduction. 

First, since the spontaneous firing is driven by the OR constitutive activity, STOML3 could modulate 

OR expression or transport of the OR to the ciliary site. Indeed, Stomatin, another protein of the same family 

sharing the stomatin motif, had already been shown to interact with GPCRs in erythrocytes (Mayer et al., 

1998) thus making it possible that also STOML3 might work similarly in OSNs.  
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In particular, it could regulate OR assembly on the ciliary membrane by mitigating the translocation 

of ORs with medium/high basal activity to keep basal noise instructive without altering signal to noise ratio 

in OSNs (Connelly et al., 2013; Dibattista and Reisert, 2016; Reisert, 2010). Indeed, a higher basal rate of 

constitutive activity could result in an increased cAMP production rate that would soon keep the cell in a 

more adapted state thus limiting the AP firing (as we observed in STOML3 KO). 

The second scenario is based on what we know so far of STOML3 in the OSNs: we know its expression 

site, we know that it interacts with ACIII and that it is involved in cAMP production. In particular blocking with 

antibodies raised against STOML3 it was shown that in ciliary preparation cAMP concentration was increased 

compared to control when stimulating ACIII with forskolin (Kobayakawa et al., 2002). In the absence of 

STOML3, continuous cAMP production by the transduction cascade led to OSNs being in an adapted state 

(Dibattista and Reisert, 2016; Reisert and Matthews, 1998; Reisert et al., 2007) which could slow down the 

transduction events, reducing the chance of both spontaneous and evoked AP firing. In addition, the 

differences in responses to IBMX between WT and KO could strengthen this scenario hypothesizing that 

STOML3 might participates in the poorly understood cAMP buffering system of OSN cilia. Indeed, by simply 

anchoring to the ciliary membrane in close proximity of the ACIII, STOML3 could buffer cAMP keeping it 

relatively low in close proximity of the CNG or of the PDEs. 

The third scenario we propose is that of a possible interaction between STOML3 and TMEM16B 

channels as it happens between STOML3 and ASIC2a, ASIC2b, ASIC3 (Lapatsina et al., 2012; Wetzel et al., 

2007) where it was shown a direct interaction among them. Also, STOML3 functionally interacts with the 

mechanosensitive ion channels Piezo-1 and Piezo-2, increasing the sensitivity of these channels to 

mechanical stimulations (Poole et al., 2014).  

It would then be tempting to speculate a possible modulation of TMEM16B by STOML3. We have 

previously shown that TMEM16B is an important regulator of the spontaneous and evoked firing of the OSNs. 

It could both amplify and “clamp” the resulting depolarization following the activation of the signal 

transduction events in spontaneous as well as evoked AP firing, respectively. In this case STOML3 could 

modulate the TMEM16B current by fastening its kinetics so that it could operate in order to amplify the 

smaller spontaneous events without causing sustained depolarization that would then terminate the AP firing 

thus altering the spontaneous firing rate of OSNs. The same mechanism could account for the “clamping” 

effect of TMEM16B during evoked firing. When STOML3 was knocked out the slower TMEM16B kinetics could 

explain our results since it could account for the persistent depolarization that would keep the inactivation 

of voltage-gated channels (Trotier, 1994), allowing for less spikes to be generated over a shorter time 

window.   

Further experiments are needed to elucidate which of the proposed scenario could be that of the 

OSNs. Based on our results, we can conclude that STOML3 is expressed in the knob and proximal ciliary region 

in the olfactory epithelium and for the first time we could show that it participates to the signal transduction 

events at least by regulating their output: the action potential firing. It is worth notice that lately emerging 

new players have been involved in the odorant transduction mechanisms (Baumgart et al., 2014; Buiakova 

et al., 1996; Dannecker et al., 2005; Dibattista and Reisert, 2016; Dooley et al., 2009; Ivic et al., 2000; Kaneko-

Goto et al., 2013; Kerr et al., 2008; Sinnarajah et al., 2001; Talaga et al., 2017) increasing the complexity of 

long-known mechanisms crucial for the transformation of a chemical signal, the odorant, into an electrical 

one, the AP, that could then initiate the long journey to the brain.   
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COMMUNICATION

TMEM16A calcium-activated chloride currents in
supporting cells of the mouse olfactory epithelium
Tiago Henriques1*, Emilio Agostinelli1*, Andres Hernandez-Clavijo1, Devendra Kumar Maurya1, Jason R. Rock2, Brian D. Harfe3, Anna Menini1, and
Simone Pifferi1

Glial-like supporting (or sustentacular) cells are important constituents of the olfactory epithelium that are involved in
several physiological processes such as production of endocannabinoids, insulin, and ATP and regulation of the ionic
composition of the mucus layer that covers the apical surface of the olfactory epithelium. Supporting cells express
metabotropic P2Y purinergic receptors that generate ATP-induced Ca2+ signaling through the activation of a PLC-mediated
cascade. Recently, we reported that a subpopulation of supporting cells expresses also the Ca2+-activated Cl− channel
TMEM16A. Here, we sought to extend our understanding of a possible physiological role of this channel in the olfactory
system by asking whether Ca2+ can activate Cl− currents mediated by TMEM16A. We use whole-cell patch-clamp analysis in
slices of the olfactory epithelium to measure dose–response relations in the presence of various intracellular Ca2+

concentrations, ion selectivity, and blockage. We find that knockout of TMEM16A abolishes Ca2+-activated Cl− currents,
demonstrating that TMEM16A is essential for these currents in supporting cells. Also, by using extracellular ATP as
physiological stimuli, we found that the stimulation of purinergic receptors activates a large TMEM16A-dependent Cl− current,
indicating a possible role of TMEM16A in ATP-mediated signaling. Altogether, our results establish that TMEM16A-mediated
currents are functional in olfactory supporting cells and provide a foundation for future work investigating the precise
physiological role of TMEM16A in the olfactory system.

Introduction
The olfactory epithelium is a pseudostratified epithelium com-
posed of olfactory sensory neurons, glial-like supporting (or
sustentacular) cells, basal cells, and microvillous cells, covered
by a protective mucus layer composed of water, ions, and pro-
teins secreted by Bowman’s glands and supporting cells (Menco
and Farbman, 1992; Menco et al., 1998). Although most studies
concentrated on the physiological role of olfactory sensory
neurons, as they detect odorant molecules, very few investi-
gated how the supporting cells contribute to the epithelium
homeostasis.

Supporting cells have columnar cell bodies that form a
monolayer at the apical surface of the olfactory epithelium and
basal processes extending to the basal lamina. The apical side of
these cells bears several microvilli immersed in the mucus layer
intermingling with cilia of olfactory sensory neurons. Support-
ing cells are electrically coupled by gap junctions composed at
least by connexin 43 and 45, creating a syncytium for the dif-
fusion of Ca2+ and other signaling molecules throughout the
epithelium (Rash et al., 2005; Vogalis et al., 2005a,b).

These cells perform a large number of physiological func-
tions. For example, they surround and provide structural sup-
port to olfactory sensory neurons, act as phagocytes of dead
cells, and are involved in the metabolism of external compounds
mediated by cytochrome P450 and other enzymes (Breipohl
et al., 1974; Chen et al., 1992; Suzuki et al., 1996; Gu et al.,
1998; Ling et al., 2004; Whitby-Logan et al., 2004). Neurotro-
phic and neuromodulator molecules such as endocannabinoids,
insulin, and ATP are produced by supporting cells (Czesnik
et al., 2007; Lacroix et al., 2008; Breunig et al., 2010; Hayoz
et al., 2012). Moreover, they express metabotropic P2Y puri-
nergic receptors, and stimulation with ATP induces Ca2+ sig-
naling through the activation of a PLC-mediated cascade (Hegg
et al., 2003, 2009; Gayle and Burnstock, 2005). Interestingly,
several studies showed that ATP is involved in neuroprotection
and neuroproliferation (Hassenklöver et al., 2009; Jia et al.,
2009, 2010; Jia and Hegg, 2010). The mechanisms mediating
the aforementioned functions are far from being completely
elucidated.
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Moreover, supporting cells have peculiar electrical properties
and express several channels involved in the regulation of the
ionic composition of the mucus layer at the apical surface of
the olfactory epithelium, contributing to the maintenance of a
balance between salts and water. For example, the amiloride-
sensitive Na+ channel is highly expressed in microvilli of sup-
porting cells (Menco et al., 1998), and it has been suggested that
the cystic fibrosis transmembrane conductance regulator Cl−

channel andmembers of the aquaporin water channel family are
possibly located in these cells, although their localization has not
been conclusively demonstrated (Rochelle et al., 2000; Ablimit
et al., 2006; Grubb et al., 2007; Lu et al., 2008;Merigo et al., 2011;
Pfister et al., 2015).

We and others have recently shown that a relatively new
discovered Ca2+-activated Cl− channel, TMEM16A, is expressed
in olfactory supporting cells (Dauner et al., 2012; Maurya and
Menini, 2014; Maurya et al., 2015). Interestingly, we found that
TMEM16A expression is limited to supporting cells from a spe-
cific region of the olfactory epithelium (Maurya and Menini,
2014), although others, while confirming TMEM16A expres-
sion in the supporting cells, did not mention any zonal expres-
sion of the channel (Dauner et al., 2012). For this reason, here,
we first tried to define whether a zonal expression of TMEM16A
can be observed in the olfactory epithelium. By using immu-
nohistochemistry on WT and TMEM16A knock out (KO) mice,
we found that TMEM16A is expressed both in the ventral and
dorsal zones of the olfactory epithelium, although its expression
is higher in the region near the transition zone with the respi-
ratory epithelium than in the dorsal zone.

Because TMEM16A is expressed in supporting cells, is it also
mediating Ca2+-activated Cl− currents in these cells? To begin to
address this question, we performed recordings in whole cells
from mouse supporting cells after blocking gap junctions with
18β-glycyrrhetinic acid (18β-GA; Davidson and Baumgarten,
1988) and recorded Ca2+-activated Cl− currents in WT but not
TMEM16A KOmice, showing that TMEM16A is necessary for the
activation of this current in mouse olfactory supporting cells.
TMEM16A controls fluid secretion in airway and intestine epi-
thelia (Rock et al., 2009; Benedetto et al., 2017, 2019), suggesting
that TMEM16A could play a similar role in supporting cells.
Moreover, TMEM16A can modulate several aspects of Ca2+ ho-
meostasis, consequently regulating different signaling cascades
(Kunzelmann et al., 2016; Cabrita et al., 2017). What signaling
pathway leads to the activation of TMEM16A-mediated currents
in supporting cells? We found that stimulation of purinergic
receptors with ATP activated a TMEM16A-dependent current.

In summary, TMEM16A can produce Ca2+-activated Cl− cur-
rents in response to extracellular ATP in olfactory supporting
cells. Finally, we picture and discuss the different scenarios of
physiological functions of supporting cells and their chloride
conductance.

Materials and methods
Animals
Mice were handled in accordance with the guidelines of the
Italian Animal Welfare Act and European Union guidelines on

animal research under a protocol approved by the ethics com-
mittee of the International School for Advanced Studies. Post-
natal days 0–4 (P0–P4) mice were decapitated before nose
removal. Experiments were performed on tissues from C57BL/6
mice or from TMEM16A WT and TMEM16A KO littermate mice
obtained by breeding heterozygousmice generated by Rock et al.
(2008).

Immunohistochemistry
Coronal sections of the olfactory epithelium and immunohisto-
chemistry were obtained as previously described (Maurya and
Menini, 2014; Maurya et al., 2015). Briefly, the dissected nose
was fixed in 4% paraformaldehyde PBS for 4 h at 4°C. Tissues
were equilibrated overnight at 4°C in 30% (wt/vol) sucrose and
then embedded in optimal cutting temperature compound (Bio-
optica) and stored at −80°C. Coronal sections 12- to 14-µm thick
were cut with a cryostat. Before using primary antibodies, sec-
tions were incubated in blocking solution (2% FBS [vol/vol] and
0.2% [vol/vol] Triton X-100 in PBS) for 90 min. Then, they were
incubated with the primary antibody (diluted in the blocking
solution) overnight at 4°C. The following primary antibodies
(catalog number, dilution; company) were used: polyclonal goat
anti-OMP (544–10001, 1:1,000; Wako Chemicals), mouse mon-
oclonal acetylated tubulin (T7451, 1:100; Sigma), and rabbit
polyclonal anti-TMEM16A (ab53212, 1:50; Abcam). Sectionswere
then rinsed with 0.1% (vol/vol) Tween 20 in PBS (PBS-T) and
incubated with the fluorophore-conjugated secondary antibody
(diluted in PBS-T) for 2 h at room temperature. The following
secondary antibodies were used: donkey anti-rabbit Alexa Fluor
488 (A-21206; Life Technologies), donkey anti-goat Alexa Fluor
594 (A-11058; Life Technologies), and donkey anti-mouse Alexa
Fluor 594 (A-21203; Life Technologies). After washingwith PBS-T,
sections were treated with 0.1 µg/ml DAPI for 30 min, washed
with PBS-T, and mounted with Vectashield (Vector Laboratories).

Immunoreactivity was visualized with a confocal microscope
(TCS SP2; Leica). Images were acquired using Leica software (at
1,024 × 1,024–pixel resolution) andwere not modified other than
to balance brightness and contrast, unless otherwise specified.
Nuclei were stained by DAPI. Control experiments without the
primary antibodies gave no signal. In addition, negative control
experiments for the localization of TMEM16A were performed
in tissues from TMEM16A KO mice following the same protocol
used in WT mice.

Preparation of acute slices of the olfactory epithelium
Acute coronal slices of the olfactory epithelium of P0–P4 mice
were prepared with slight modifications of the methods previ-
ously described to obtain slices of the vomeronasal organ
(Shimazaki et al., 2006; Dibattista et al., 2008; Pietra et al., 2016;
Wong et al., 2018). P0–P4 mice are suitable for this study, be-
cause TMEM16A is already expressed in the olfactory epithelium
at this age (Maurya and Menini, 2014; Maurya et al., 2015). The
nose of a P0–P4 mouse was dissected en bloc and embedded in
3% Type I-A agarose prepared in artificial cerebrospinal fluid
(ACSF) once the solution cooled to 38°C. ACSF contained (in
mM) 120 NaCl, 25 NaHCO3, 5 KCl, 1 MgSO4, 1 CaCl2, 10 HEPES,
and 10 glucose, pH 7.4, with NaOH. Coronal slices of 300-µm

Henriques et al. Journal of General Physiology 955

TMEM16A Cl− currents in olfactory epithelium https://doi.org/10.1085/jgp.201812310

D
ow

nloaded from
 http://rupress.org/jgp/article-pdf/151/7/954/1237155/jgp_201812310.pdf by O

xford U
niversity user on 11 N

ovem
ber 2020

https://doi.org/10.1085/jgp.201812310


thickness were cut with a vibratome (Vibratome 1000 Plus
Sectioning System) and kept in cold oxygenated ACSF until use.

Whole-cell recordings from supporting cells of the
olfactory epithelium
Slices were transferred to a recording chamber continuously
perfused with oxygenated ACSF. Slices were viewed with an
upright microscope (BX51WI; Olympus) equipped with infrared
differential contrast optics, a camera (DFK 72BUC02; Imaging
Source) and a 40× water-immersion objective with an additional
2× auxiliary lens. Extracellular solutions were exchanged or
stimuli were delivered through an eight-in-one multibarrel
perfusion pencil connected to a ValveLink8.2 pinch valve per-
fusion system (Automate Scientific).

Supporting cells were identified by their morphology, and
whole-cell experiments were obtained by patching the apical
part of supporting cells. Fluorescein (10 µg/ml) dissolved in the
pipette solution diffused into the cell and allowed visualization
under blue light of the fluorescence image of the cell (Fig. 2 A).
Patch pipettes were pulled from borosilicate capillaries (WPI)
with a Narishige PC-10 puller and had resistances of 3–5 MΩ
when filled with intracellular solution. Electrophysiological
recordings were obtained using a MultiClamp 700B amplifier
controlled by Clampex 10.6 via a Digidata 1550B (Molecular
Devices). Data were low-pass filtered at 2 kHz and sampled at
10 kHz. Experiments were performed at room temperature
(20–25°C).

The extracellular Ringer’s solution contained (in mM) 140
NaCl, 5 KCl, 2 CaCl2, 1 MgCl2, 10 HEPES, and 10 glucose, pH 7.4.
For ionic selectivity experiments, NaCl in the extracellular
Ringer’s solution was omitted and 250 mM sucrose was added to
maintain the osmolarity (sucrose Ringer’s) or NaCl was replaced
with equimolar NMDG-Cl (NMDG Ringer’s). We used various
intracellular solutions filling the patch pipette according to the
type of experiment. For recordings of voltage-gated currents, the
pipette solution contained (in mM): 145 KCl, 4 MgCl2, 11 EGTA,
and 10 HEPES, adjusted to pH 7.2 with KOH. For recordings of
Ca2+-activated currents, the intracellular solutions contained (in
mM) 140 CsCl, 10 HEDTA, and 10 HEPES adjusted to pH 7.2 with
CsOH, and no added Ca2+ for the nominally 0 Ca2+ solution or
various added Ca2+ concentrations, as calculated with the pro-
gram WinMAXC (C. Patton, Stanford University, Stanford, CA),
to obtain free Ca2+ in the range between 0.5 and 3.8 µM (Patton
et al., 2004). 10 mM HEDTA had the best buffer efficacy in the
desired range of free Ca2+ concentrations. We added 1.242, 3.209,
or 5.806 mM CaCl2 to obtain 0.5, 1.5, or 3.8 µM free Ca2+, re-
spectively, as described previously (Pifferi et al., 2006, 2009;
Cenedese et al., 2012; Betto et al., 2014; Amjad et al., 2015). The
free Ca2+ concentrations were also experimentally determined
by Fura-4F (Thermo Fisher Scientific) measurements by using
an LS-50B luminescence spectrophotometer (PerkinElmer).

For recordings of ATP-activated currents, the pipette solution
contained (in mM) 140 CsCl, 2 HEDTA, and 10 HEPES, adjusted
to pH 7.2 with CsOH. I-V relations were measured using a ramp
protocol from −80 mV to +80 mV at 0.16 mV/ms.

The bath was grounded via a 3 M KCl agar bridge connected
to an Ag/AgCl reference electrode. Liquid junction potentials

were calculated using pClamp 10.6 (based on Barry, 1994), and
the applied voltages were corrected offline for the following
values (in mV) in the indicated bathing solutions: −4.7 in Ring-
er’s solution, +7.9 in sucrose Ringer’s solution, and −5.7 in
NMDG Ringer’s solution.

The following chemicals were prepared as stock solutions as
indicated and diluted to the final concentration in the bathing
solution on the day of the experiment: 100 mM 18β-GA in eth-
anol, 30mMATP in Ringer’s solution, stored at −20°C; and 1 mM
Ani9 in DMSO, stored at +4°C. The final concentration of 18β-GA
was 20 µM as previously used by Vogalis et al. (2005a,b) to
substantially reduce the resting leak conductance in olfactory
supporting cells. At this concentration, 18β-GA is reported to
block most of the gap-junction–mediated current in fibroblasts
(Davidson and Baumgarten, 1988). The final concentration of
ATP was 30 µM, which is slightly higher than the concentration
of 10 µM used by Hegg et al. (2003) to activate P2Y receptors
expressed in supporting cells and induce an intracellular Ca2+

increase. All chemicals were purchased from Sigma unless
otherwise specified.

Confocal Ca2+ imaging
Slices were loaded with 20 µM Cal-520AM (Santa Cruz Bio-
technologies) for 90 min at room temperature in ACSF. The
concentration of Cal-520AM required for cell loading in our
slices was determined empirically after testing several dye
working solutions from 10 to 20 µM, as suggested by the tech-
nical information sheet. To help dye uptake, Pluronic F-127 was
added at final concentration of 0.2 mg/ml. After washing, the
slices were kept in ACSF solution until use. Stock solution of Cal-
520AM was prepared in DMSO at 2 mM and stored at −20°C.
Pluronic F-127 was weekly dissolved in DMSO at 200 mg/ml
concentration. A gravity-driven multivalve perfusion system
(Automate Scientific) was used to deliver the stimuli.

An inverted Nikon A1R confocal microscope was used for
data acquisition with a 60× oil-immersion objective (numerical
aperture 1.3) using NIS Element software (Nikon). Cal-520 flu-
orescence was excited using a krypton-argon ion laser. To re-
duce dye bleaching and photodamage, only 1–4% of the laser
power and a resonance scanning mirror was used. Fluorescence
emission between 500 and 600 nm was captured using a vari-
able band bass system. Data were recorded after averaging eight
frames to get a final acquisition frequency of 0.23 Hz with 1,024
× 512–pixel resolution. Recordings were obtained 50–100 µm
below the slice surface to avoid damaged cells.

Changes in fluorescence weremeasured in regions of interest
drawn around a single supporting cell using ImageJ 1.51s (Na-
tional Institutes of Health). Data are presented as normalized
fluorescence changes, ΔF/F0 = (F(t) − F0)/F0, where F0 is the
average of fluorescence intensity before the application of the
first stimulus and F(t) is the fluorescence amplitude at time t.
Further analysis and figures were made with IgorPro 6.3.7.2
(WaveMetrics). In some experiments, the reduction of fluores-
cence signal due to photobleaching was mathematically cor-
rected using the exponential decay observed in nonresponding
cells (Thomas et al., 2000).We considered a cell responsive if (a)
there was no spontaneous activity; (b) after stimulation, ΔF/F0
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was higher than the average of the prestimulus (10-s time
window) plus three SDs for at least 3 s; and (c) there was no
response to ACSF solution application.

Analysis of electrophysiological data
IGOR Pro software (WaveMetrics) was used for data analysis
and to produce the figures. All averaged data from individual
experiments in different cells are presented as mean ± SEM and
number of cells (n). Cells were obtained from at least three
different WT or KO mice. In the box plot, horizontal lines rep-
resent the median, upper and lower box boundaries represent
the 25th and 75th percentile, and upper and lower whiskers
represent the 10th and 90th percentiles. Statistical analyses of
normally distributed data (Jarque–Bera test) were performed
using a t test, one-sample t test, or one-way ANOVA with Tukey
test. For not normally distributed data, the Wilcoxon–Mann–
Whitney U test and Kruskal–Wallis with Dunn–Holland–Wolfe
test were used. P values of <0.05 were considered statistically
significant.

Results
TMEM16A expression in olfactory supporting cells
Considering that the physiological role of TMEM16A in olfactory
supporting cells is unknown, we started studying the TMEM16A
expression in the olfactory epithelium.We previously reported a
not-uniform immunoreactivity for TMEM16A in the olfactory
epithelium of postnatal mice (Maurya and Menini, 2014). In-
deed, we found that TMEM16A is expressed only in the sup-
porting cells in the ventral region of olfactory epithelium close to
the respiratory epithelium. However, Dauner et al. (2012) did
not show this specific localization and instead found TMEM16A
in supporting cells from all olfactory epithelium. For this reason,
we first asked whether TMEM16A is specifically expressed only
near the transition zone, and therefore has a physiological role
only in that zone, or if it is also poorly expressed in other regions
of the olfactory epithelium.

By immunohistochemistry, we confirmed previous results
that TMEM16A is strongly expressed at the apical surface of the
ventral region of the olfactory epithelium near the transition
zone with the respiratory epithelium, but we also identified a
weak staining for TMEM16A in the dorsal zone that could be
revealed only by digital enhancement of the signal intensity
(Fig. 1, A–D). We performed control experiments in the olfactory
epithelium of TMEM16A KO mice following the same protocol
and found no signal for TMEM16A, confirming the specificity of
the immunostaining obtained in WT mice (Fig. 1, C and D). To
visualize olfactory neurons, we used the olfactory marker pro-
tein, a typical marker for mature olfactory sensory neurons
(Keller and Margolis, 1975), while the cilia of olfactory neurons
were identified with acetylated tubulin, a canonical marker for
cilia (Piperno and Fuller, 1985). In both the transition and dorsal
zones, TMEM16A was expressed at the apical surface of the ol-
factory epithelium of WT mice, and it did not overlap with the
upper layer stained by acetylated tubulin, confirming that
TMEM16A was not expressed in olfactory sensory neurons but
was localized at the apical portion of supporting cells.

These results confirm and extend previous data showing that
TMEM16A is highly expressed in the transition zone (Fig. 1 C),
while it is poorly expressed in the dorsal zone (Fig. 1 D).

Ca2+-activated Cl− currents in supporting cells of the mouse
olfactory epithelium
TMEM16A is a Ca2+-activated Cl− channel, but currents caused
by the activity of this channel have not yet been reported in
olfactory supporting cells. Therefore, we performed electro-
physiological experiments to investigate the presence of func-
tional Ca2+-activated Cl− channels in these cells.

First, we established the viability of obtaining electrophysi-
ological recordings from supporting cells by measuring basic
electrophysiological properties and voltage-gated currents.
Whole-cell recordings were obtained from supporting cells at
the apical surface of neonatal mouse olfactory epithelium slices.
To visually identify cells, fluorescein was included in the in-
tracellular solution filling the patch pipette and diffused inside
the cell after rupturing the membrane to obtain the whole-cell
configuration. The fluorescence image in Fig. 2 A reveals the
typical morphology of a supporting cell, with the cell body lo-
cated in the apical region and processes extending toward the
basal part of the epithelium. In this study, we only analyzed
recordings from supporting cells clearly identified by their
morphology. Passive membrane properties in the presence of
KCl in the pipette had the following values: mean resting po-
tential, −41 ± 1 mV (n = 18); input resistance, 261 ± 88MΩ (n = 11);
and capacitance, 17 ± 1 pF (n = 17). Next, we investigated the
presence of voltage-gated currents (Fig. 2). As supporting cells
have very large leak currents (see Fig. 2, D and E), voltage-gated
currents could only be revealed after subtraction of the leak
currents using the P/4 protocol (Fig. 2 B). Voltage steps more
positive than approximately −60 mV elicited transient inward
currents followed by outward currents. Average I-V relations
measured at the peak of the inward currents or at the end of the
sustained outward currents (Fig. 2 C) are largely similar to
those previously reported by Vogalis et al. (2005a), who
showed that inward and outward currents were mainly due to
voltage-gated Na+ and K+ channels. Our results confirm the
viability of electrophysiological recordings of supporting cells
in our slice preparation.

Before measuring Ca2+-activated currents, we tested whether
we could block the large leak conductance measured in the
presence of nominally 0 Ca2+. Indeed, in extracellular Ringer’s
solution, the average current was −687 ± 206 pA at −80 mV and
3,678 ± 1,065 pA at +80 mV (n = 4), with an intracellular solution
containing CsCl (Fig. 2, D and E). After pretreatment of slices for
∼1 h with 20 µM 18β-GA, a gap junction blocker, currents were
significantly reduced to −174 ± 18 pA at −80 mV and 459 ± 54 pA
at +80mV (n = 17, P < 0.001, unpairedWilcoxon–Mann–Whitney
U test; Fig. 2, D and E), confirming that 20 µM 18β-GA partially
blocks the leak currents as previously reported (Vogalis et al.,
2005a,b). Thus, all the subsequent experiments were performed
with intracellular CsCl after pretreatment with 20 µM 18β-GA.

To establish whether a current could be activated by Ca2+

in supporting cells, we compared currents measured with in-
tracellular solutions containing various Ca2+ concentrations
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ranging from nominally 0 to 3.8 µM Ca2+. Since we have pre-
viously shown that cells in the transition zone display a strong
immunoreactivity for the Ca2+-activated Cl− channel TMEM16A
(Fig. 1 C), we first recorded from supporting cells located in
this area.

Fig. 3 A shows currents in the presence of increasing [Ca2+]i.
The activation of the current by voltage steps in the presence of

0.5 and 1.5 µM Ca2+ was time dependent, with an instantaneous
component followed by relaxation (Fig. 3 A, red and blue traces).
Indeed, at +80 mV, the instantaneous outward current was
followed by a small additional outward relaxation, while at −80
mV, the instantaneous inward current was followed by a more
pronounced relaxation toward less negative values. Moreover,
when the voltage was stepped to −80 mV at the end of the

Figure 1. TMEM16A expression in the olfactory epithelium. (A) Schematic drawing of a nose coronal section showing the olfactory epithelium, respiratory
epithelium, and vomeronasal organ. (B) The olfactory epithelium is composed of supporting cells, olfactory sensory neurons, and basal cells. (C and D) Confocal
micrographs of coronal sections of the olfactory epithelium from an area near the transition zone with the respiratory epithelium (C) or from the dorsal zone
(D). The signal intensity in D was digitally enhanced to reveal a weak staining for TMEM16A. No immunoreactivity to TMEM16A was detectable at the apical
surface of the olfactory epithelium in TMEM16A KO mice (C and D). Arrowhead in C indicates the transition from the olfactory to respiratory epithelium. Cell
nuclei were stained by DAPI. OMP, olfactory marker protein.
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protocol, deactivating inward tail currents were observed. I-V
relations measured at the end of voltage pulses showed an out-
ward rectification at 0.5 µM Ca2+ that became less pronounced
as [Ca2+]i increased (Fig. 3, A and B). The rectification index,
calculated as the ratio between the current at +80 and −80 mV,
decreased from 4.1 ± 0.3 (n = 5) at 0.5 µM Ca2+ to 1.24 ± 0.06 (n =
7) at 3.8 µM (Fig. 3 C; P < 0.001, Dunn–Holland–Wolfe test).

Dose–response relations were evaluated at +80 and −80 mV.
The average current at +80 mV in the presence of nominally 0
Ca2+ (residual leak current, IL) was 459 ± 54 pA (n = 17), while
0.5 µM Ca2+ elicited comparatively larger currents (1,151 ± 192
pA, n = 5). Further increases of [Ca2+]i produced currents of
higher amplitudes, reaching an average of 2,268 ± 137 pA (n = 33)
with 1.5 µM Ca2+ and 2,328 ± 296 pA (n = 7) with 3.8 µM Ca2+

(Fig. 3 D). The average current amplitudes were plotted versus
[Ca2+]i and fit at each voltage by the Hill equation:

I � IL + (Imax − IL )[Ca2+]nHi
�([Ca2+]nHi + KnH

1/2), (1)

where I is the current, IL is the residual leak current in the
presence of nominally 0 Ca2+, Imax is the maximal current, K1/2
is the half-maximal [Ca2+]i, and nH is the Hill coefficient. The
Hill coefficient had the same value of 2.5 at both voltages, while
K1/2 decreased with membrane depolarization from 1.5 µM
at −80 mV to 0.6 µM at +80 mV (Fig. 3 D), indicating that the
Ca2+ sensitivity is slightly voltage dependent.

The ionic selectivity was evaluated by replacing NaCl in the
extracellular Ringer’s solution with sucrose or NMDG-Cl (Fig. 3,
E–H). In the presence of low extracellular Cl−, the reversal po-
tential of the Ca2+-activated current shifted toward positive
values, as expected for Cl−-selective channels in our ionic con-
ditions, with an average shift of reversal potential of 40 ± 4 mV
(n = 7). When NaCl was replaced with NMDG-Cl, a very small
shift of the reversal potential of 4.2 ± 0.2 mV (n = 4) was mea-
sured, confirming the Cl− selectivity of these channels.

Altogether, the time dependence of current activation by
voltage, change of rectification of the I-V relation depending on
[Ca2+]i, voltage dependence of Ca2+ sensitivity, and Cl− selectivity
are typical hallmarks of Ca2+-activated Cl− channels (Huang
et al., 2012; Pedemonte and Galietta, 2014), suggesting that
these channels may be responsible for the measured currents.

As we have shown that a weak immunoreactivity for
TMEM16A was also present in supporting cells from the dorsal
zone of the olfactory epithelium (Fig. 1 D), we also performed
electrophysiological recordings in this zone (Fig. 4). The typical
features of Ca2+-activated Cl− currents were present in several
cells (represented by colored traces; Fig. 4, A and B) but absent in
other cells (gray traces). We estimated that in the presence of
1.5 µM Ca2+,∼65% of the measured supporting cells (16 out of 24)
from the dorsal zone had a Ca2+-activated current, although its
amplitude was significantly smaller than that measured in cells
from the transition zone (Fig. 4 C; Tukey test after one way
ANOVA), confirming the lower expression of TMEM16A ob-
served in immunohistochemistry.

Furthermore, the fit of dose–response relations measured in
the dorsal zone yielded Hill coefficient values of 2.8 at −80 mV
and 2.7 at +80 mV, while K1/2 decreased with membrane depo-
larization from 1.2 µM at −80mV to 0.7 µM at +80mV (Fig. 4 D),
similar to values obtained from supporting cells in the transition
zone. The average shift of reversal potential upon reduction of
extracellular Cl− by replacement of NaCl with sucrose was +41 ±
4 mV (n = 6), indicating a higher permeability for Cl− than for
Na+ (Fig. 4, E and F).

Altogether, these results indicate that although the dorsal
zone has on average a lower Ca2+-activated Cl− current com-
pared with the transition zone, the biophysical properties of the
channels are the same.

To measure the extracellular pharmacological block of Ca2+-
activated Cl− currents, we tested Ani9, a recently identified

Figure 2. Voltage-gated currents and leak currents
in olfactory supporting cells. (A) Fluorescence mi-
crograph of a supporting cell filled with fluorescein
through the patch pipette. (B) Representative whole-cell
currents recorded using the voltage protocol indicated
at the top of the panel. The holding potential was −110
mV, and voltage steps in 10-mV increments were ap-
plied up to +50 mV. Leak currents were subtracted using
the P/4 protocol. (C) Plot of average ± SEM amplitudes
of inward (black squares) and outward (green circles)
currents versus the test potential (n = 3). (D) Repre-
sentative whole-cell currents recorded from two dif-
ferent supporting cells in control condition (black traces)
and after preincubation with 20 µM 18β-GA (green
traces). The holding potential was 0 mV, and voltage
steps from −80 mV to +80 mV with 20-mV increments
were applied as indicated at the top of the panel. (E) Plot
of average ± SEM current amplitudes measured at the
end of voltage pulses versus the test potential from cells
in control condition (white circles; n = 4) and after
preincubation with 20 µM 18β-GA (green triangles; n =
17).
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potent selective blocker for TMEM16A (Seo et al., 2016). Indeed,
it has been shown that 1 µM Ani9 does not significantly affect
TMEM16B channel activity while it almost completely blocks
TMEM16A-mediated currents (Seo et al., 2016). Fig. 5 (A–C)
shows that 1 µM Ani9 reduced current amplitudes activated by
1.5 µM Ca2+ of 62 ± 3% at +80 mV and 61 ± 3% at −80 mV (n = 10,
P < 0.001, one-sample t test), inducing a significant block of the
current. The blockage by Ani9 supports the hypothesis that
TMEM16A mediates the measured Ca2+-activated Cl− currents.

To determine the contribution of TMEM16A to Ca2+-activated
Cl− currents in supporting cells, we compared currents fromWT

and TMEM16A KO mice (Rock et al., 2008). Fig. 6 A shows the
comparison between representative recordings from supporting
cells from WT (black and blue traces) or TMEM16A KO (orange
and red traces) mice. Current amplitudes in the presence of
1.5 µM Ca2+ from TMEM16A KO mice (red) were not signifi-
cantly different from currents measured in the absence of Ca2+

(orange; P > 0.05, Tukey test after one-way ANOVA; Fig. 6 B),
showing the absence of Ca2+-activated currents in TMEM16A KO
mice. The same experiments were performed also in supporting
cells in the dorsal zone and yielded similar results. These data
demonstrate that TMEM16A is a necessary component of the

Figure 3. Ca2+-activated Cl− currents in supporting cells from a region of the olfactory epithelium near the transition zone with the respiratory
epithelium. (A) Representative whole-cell currents recorded from different supporting cells with pipette solutions containing the indicated [Ca2+]i. The holding
potential was 0 mV, and voltage steps from −80 mV to +80 mV with 20-mV increments, followed by a step to −80 mV, were applied as indicated at the top of
the panel. (B) Average ± SEM of steady-state I-V relations in the presence of the following [Ca2+]i: nominally 0 (n = 17), 0.5 µM (n = 5), 1.5 µM (n = 33), and
3.8 µM (n = 7). (C) Average ± SEM of ratios between the currents measured at +80 and −80 mV at different [Ca2+]i from the same experiments shown in B (**,
P < 0.01; ***, P < 0.001, Dunn–Holland–Wolfe test after Kruskal–Wallis test). (D) Comparison of dose–responses at +80 and −80 mV, from the same ex-
periments shown in B, fitted to the Hill equation (Eq. 1). The error bars indicate SEM. (E and F) Representative whole-cell currents recorded with pipette
solution containing 1.5 µM Ca2+. (E and G) Extracellular ion concentrations were modified by replacing 140 mM NaCl in the Ringer’s solution with sucrose,
reducing the extracellular [Cl−] to the indicated concentrations (E) or with NMDG-Cl (G). (F–H) Current amplitudes measured at the end of voltage pulses
versus the test potential from the cells shown respectively in E–G.
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Ca2+-activated Cl− currents in supporting cells of the olfactory
epithelium.

ATP activates TMEM16A-dependent currents in
supporting cells
As extracellular ATP elicits a transient increase in intracellular
Ca2+ through activation of G-protein–coupled P2Y receptors and
Ca2+ release from intracellular stores in olfactory supporting
cells (Czesnik et al., 2006; Hassenklöver et al., 2008; Hegg et al.,
2009), we hypothesized that ATP stimulation could activate a
Ca2+-activated Cl− current in these cells. Therefore, we first used
confocal Ca2+ imaging to determine if ATP could elicit an in-
crease in intracellular Ca2+ in our experimental conditions. Fig. 7
(A and B) shows that 30 µM ATP induced a significant transient
increase of the intracellular Ca2+ concentration that returned
to baseline level after several seconds in three selected sup-
porting cells. Recordings from several slices showed that 95%
of the supporting cells (80 of 84 cells from four slices)

responded to ATP stimulation with a transient increase of
intracellular Ca2+.

Next, we used whole-cell recordings to test whether the
Ca2+ increase induced by ATP stimulation could activate Ca2+-
activated Cl− channels in supporting cells. We lowered the
intracellular concentration of HEDTA from 10 to 2 mM to
reduce Ca2+ buffering that could decrease the intracellular
Ca2+ increase. 30 µM ATP at the holding potential of −80 mV
induced large inward currents that slowly recovered to
baseline (Fig. 8 A, black trace). The I-V relation measured
close to the peak of the response to ATP (Fig. 8 B, indicated as
b) showed an outward rectification, resembling the outward
rectification of the Ca2+-activated Cl− current measured in the
presence of 1.5 µM Ca2+ (Fig. 3 B).

To determine the contribution of TMEM16A to the ATP-
induced current, we recorded responses to ATP in supporting
cells from TMEM16A KO mice (Fig. 8 A, orange trace). Our ex-
periments show that the average peak inward current induced

Figure 4. Ca2+-activated chloride current in supporting cells from the dorsal zone of the olfactory epithelium. (A) Representative whole-cell currents
recorded from different supporting cells from the dorsal zone with pipette solutions containing the indicated [Ca2+]. The holding potential was 0 mV, and
voltage steps from −80mV to +80 mV with 20-mV increments, followed by a step to −80mV, were applied as shown in the top panel of Fig. 3 A. (B) Average ±
SEM of steady-state I-V relations in the presence of the following [Ca2+]i: nominally 0 (n = 9), 0.5 µM (n = 9), 1.5 µM (n = 16), and 3.8 µM (n = 4). (C) Scatter dot
plot with average ± SEM showing current amplitudes measured at −80 and +80 mV with the indicated [Ca2+]i in the dorsal zone (DZ) or transition zone (TZ).
Number of cells indicated in the legends of Fig. 3 B or 4 B for the TZ or DZ, respectively. *, P < 0.05; **, P < 0.01; ***, P < 0.001; Tukey test after one way
ANOVA. (D) Comparison of dose–responses at +80 and −80 mV, from the same experiments shown in B, fitted to the Hill equation (Eq. 1). The error bars
indicate SEM. (E) Representative whole-cell currents recorded with pipette solution containing 1.5 µM Ca2+. Extracellular ion concentrations were modified by
replacing 140 mMNaCl in the Ringer’s solution with sucrose, reducing the extracellular [Cl−] to the indicated concentrations. (F) Current amplitudes measured
at the end of voltage pulses versus the test potential from the cell shown in E.
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by ATP in WT mice at −80 mV (−438 ± 94 pA, n = 28) was sig-
nificantly reduced (−6 ± 10 pA, n = 16, Wilcoxon–Mann–Whitney
U test) in TMEM16A KO mice (Fig. 8 C).

These results indicate that the transient Ca2+ increase elicited
by 30 µM ATP activates a TMEM16A-dependent current in
supporting cells of the olfactory epithelium.

Discussion
Our results provide the first demonstration that supporting cells
of themouse olfactory epithelium have functional Ca2+-activated
Cl− channels that can be activated by purinergic stimulation
producing large Cl− currents. Recordings from TMEM16A KO
mice show that TMEM16A is a necessary component of the Ca2+-
activated Cl− currents in olfactory supporting cells.

An important preliminary step to understand the possible
physiological roles of TMEM16A in supporting cells is to esti-
mate equilibrium potential for Cl− (ECl) to determine the direc-
tion of the Cl− flux. The apical part of supporting cells and their
microvilli are immersed in the mucus (Menco and Farbman,
1992; Menco et al., 1998). The concentrations of various ions in
the olfactory mucus, dendritic knobs of sensory neurons, and
cytosol of supporting cells from rats have been measured by
Reuter et al. (1998) using energy-dispersive x-ray microanalysis.
They reported that the average concentration of Cl− was 55 ±
11 mM in the mucus and 32 ± 12 mM in the cytosol of supporting
cells (Reuter et al., 1998). Thus, we estimated ECl at the apical
part of supporting cells, where TMEM16A is localized, assuming
that (1) the values of Cl− concentrations inmouse are the same of

those measured in rats and (2) the Cl− concentration at the apical
part of supporting cells and at the proximal part of their mi-
crovilli is the same as that in the cytosol. In these conditions, we
obtained a value for ECl of −14 mV (at room temperature
20–25°C). Taking into account that we measured an average
value for resting membrane potential of supporting cells of −41 ±
1 mV (that is in agreement with previously measured values in
the range between −50 mV and −30 mV; Vogalis et al., 2005a),
the calculated electrochemical driving force for Cl− is −27 mV.
Thus, the opening of TMEM16A Cl− channels by Ca2+ at the
apical part of supporting cells causes an efflux of Cl−, contrib-
uting to control Cl− homeostasis and dynamics in the mucus
covering the olfactory epithelium.

The mucus composition is fundamental to maintain the ionic
environment necessary for olfactory transduction. Indeed, the
binding of odorant molecules to odorant receptors in the cilia of
olfactory sensory neurons leads to a transduction cascade that
includes the activation of CNG channels and the Ca2+-activated
Cl− channels TMEM16B, whose function depends on the Cl−

electrochemical gradient between themucus and the intraciliary
compartment (Pifferi et al., 2009; Stephan et al., 2009; Billig
et al., 2011; Pietra et al., 2016; Dibattista et al., 2017;
Neureither et al., 2017; Li et al., 2018; Zak et al., 2018; Reisert and
Reingruber, 2019). Thus, the Cl− concentration regulated by

Figure 5. Ca2+-activated currents in supporting cells are blocked by the
TMEM16A inhibitor Ani9. (A) Representative whole-cell recordings obtained
with an intracellular solution containing 1.5 µM Ca2+ (voltage protocol as in
Fig. 3 A). The cell was exposed to Ringer’s solution (black) and 1 µM Ani9
(green) and washed in Ringer’s solution (gray). (B) I-V relationships measured
at the end of the voltage steps from the recordings shown in A. (C) Scatter
dot plot with average ± SEM of the percentage of current inhibition measured
at −80 and +80 mV (n = 11).

Figure 6. Lack of Ca2+-activated currents in supporting cells from
TMEM16A KO mice. (A) Representative whole-cell recordings obtained with
pipette solutions containing 0 or 1.5 µM Ca2+, as indicated. The voltage
protocol is reported at the top of the panel. (B) Scatter dot plot with aver-
age ± SEM showing current amplitudes measured at −80 and +80 mV in the
presence of the following [Ca2+]i: for WT mice nominally 0 (n = 17), 1.5 µM
(n = 33) or for TMEM16A KO mice nominally 0 (n = 10), 1.5 µM (n = 16). ***,
P < 0.001, Tukey test after one-way ANOVA. Recordings were obtained from
supporting cells located close to the transition zone with the respiratory
epithelium.
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TMEM16A would affect the TMEM16B-mediated current, mod-
ifying the odorant response of the olfactory sensory neurons.

He et al. (2017) have shown that TMEM16A in epithelial cells
is necessary to control the cytoplasmic Cl− concentration and
that an adequate level of Cl− is necessary for proper endocytic
trafficking. In olfactory supporting cells, xenobiotic-metabolizing
enzymes are localized in the intracellular compartments, and
therefore, the engulfing of xenobiotics is a required step for
their detoxification (Ling et al., 2004; Zhuo et al., 2004;

Asakawa et al., 2017). It is of interest to note that some toxic
chemicals, such as dichlobenil and methyl iodide, have a more
severe noxious effect in the dorsal portion of the olfactory
epithelium, where TMEM16A is less expressed (Robinson et al.,
2003; Franceschini et al., 2009). Moreover, the endocytosis
activity in supporting cells is massively increased by stimula-
tion with acetylcholine via the activation of M3 muscarinic
receptors, generating an increase of intracellular Ca2+ concen-
tration that could activate the TMEM16A-mediated current
(Hegg et al., 2009; Ogura et al., 2011; Fu et al., 2018). The most
likely sources of acetylcholine are the microvillous cells, a still
poorly understood population of cells that respond to high
odorant concentrations and xenobiotic chemicals (Lin et al.,
2008; Menini and Pifferi, 2008; Ogura et al., 2011; Fu et al.,
2018). In this scenario, the interplay between the acetylcho-
line response and regulation of Cl− homeostasis by TMEM16A
could regulate the endocytosis and the subsequent xenobiotic
detoxification mediated by supporting cells.

Another role of TMEM16A could be the modulation of the
purinergic signaling. Supporting cells express metabotropic
purinergic P2Y receptors, and extracellular ATP can induce Ca2+

release from intracellular stores (Gayle and Burnstock, 2005;
Czesnik et al., 2006; Hassenklöver et al., 2008; Hegg et al.,
2009). Here, we have shown that ATP produces an intracellu-
lar Ca2+ increase sufficient to activate the Ca2+-activated Cl−

currents mediated by TMEM16A. Hayoz et al. (2012) reported
evidence that ATP is released both through constitutive and
evoked release in the olfactory epithelium of neonatal mice.
Moreover, the olfactory epithelium receives extensive inner-
vation by various branches of trigeminal nerves (Finger et al.,
1990; Schaefer et al., 2002), and these fibers could release ATP
through axonal reflex. Interestingly, TMEM16A can amplify the
ATP-mediated Ca2+ signal by interacting directly with the IP3R
on the ER membrane (Cabrita et al., 2017). Therefore, we can
speculate that TMEM16A could be involved in the cascade of the
ATP transduction pathway in the olfactory epithelium. In par-
ticular, ATP modulates the neuroproliferation partially by the
increase of NPY expression in supporting cells (Hassenklöver

Figure 7. ATP stimulation induces an increase of [Ca2+]i in supporting
cells. (A) Representative sequences of confocal images in pseudocolor from a
slice of the olfactory epithelium loaded with Cal520-AM before (1), at the
peak (2), and after (3) the response activated by application of 30 μM ATP for
10 s. (B) Ca2+ transients recorded in the cells highlighted in A responding to
30 µM ATP stimulation. Time points indicated by arrows correspond to frame
numbers in A.

Figure 8. ATP activates a TMEM16A-
dependent current in supporting cells. (A)
Whole-cell currents activated by 30 µM ATP
from supporting cells located close to the tran-
sition zone with the respiratory epithelium from
WT (black trace) or TMEM16A KO (orange trace)
mice. ATP was applied for the time indicated in
the upper trace. The holding potential was −80
mV, and voltage ramps from −80 to +80 mV
before (a), during (b), and after (c) the ATP re-
sponse were used to measure the I-V relations.
(B) I-V relations from the WT cell shown in A.
The green trace (sub) was obtained by sub-
tracting the average between traces a and c from
the trace in the presence of ATP (b). (C) Scatter
dot plot and box plot showing the peak ampli-
tude of ATP-activated currents measured at
−80 mV in WT (n = 28) or TMEM16A KO mice
(n = 16). ***, P < 0.001, Wilcoxon–Mann–
Whitney U test.
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et al., 2008; Jia et al., 2009; Jia and Hegg, 2010). It has been also
proposed that ATP could have a neuroprotective function by
mediating the expression of HSP25 in supporting cells upon
exposure to high odorant concentrations (Hegg and Lucero,
2006).

Conclusions
In summary, our data provide a definitive demonstration that
TMEM16A-mediated currents are functional in olfactory sup-
porting cells and provide a foundation for future work investi-
gating the precise physiological role of TMEM16A, possibly
using conditional KO mice for TMEM16A, as the constitutive
TMEM16A knockout mice used in our study die soon after birth.
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7. Conclusions: 

We provided a comprehensive investigation of the expression and functional activity of two proteins 

highly expressed in two different cell populations of the MOE. We confirmed that stomatin-like protein-3 

(STOML-3) is specifically expressed at a high level in the ciliary compartment of the mouse OSNs, where the 

olfactory transduction takes place. Moreover, we discovered that the Ca2+-activated Cl- channel TMEM16A 

has a peculiar expression pattern in SCs of the mouse MOE. Indeed, TMEM16A is highly expressed in the 

apical portion of SCs within the transition region in contact with the respiratory epithelium, and it is lower 

expressed in the dorsal part of the epithelium. 

The high rate of expression of these two proteins within the MOE suggests that they could contribute 

to the regulation of important aspects of the MOE physiology. However, their possible roles were unknown 

since their contribution to the OS has never been studied before. To assess these points, we took advantage 

of a loss of expression approach using two constitutive knock-out mice models in which the STOML-3 or 

TMEM16A gene has been deleted, respectively. 

We found that the number of mature OSNs, and their cilia number and length were not affected in 

STOML-3 KO mice. These results strongly suggest that STOML-3 does not modulate the physiological 

development of OSNs. Interestingly, several members of the olfactory transduction machinery are normally 

targeted to the cilia in the mouse model lacking STOML-3. Moreover, patch-clamp experiments revealed that 

also the active and passive membrane properties of OSNs are unalerted in STOML-3 KO mice. 

Nevertheless, extracellular single-cell recordings achieved in the loose-patch modality clearly 

showed that OSNs not expressing STOML-3 have a significantly lower frequency rate of their spontaneous 

firing activity. Moreover, upon stimulation with an odorant mix and IBMX, the OSNs from STOML-3 KO mice 

responded with a significantly lower number of action potentials, and this determined that the duration of 

their responses was significantly shorter compared to those from WT mice. Since it is well-known that 

STOML-3 physically and functionally interacts with different types of ion channels (Lapatsina et al., 2012; Qi 

et al., 2015; Wetzel et al., 2007), we hypothesize that STOML-3 affects the olfactory transduction likely by 

directly regulating the activity of the CNG and/or TMEM16B channels. Further experiments, such as co-

immunoprecipitation assays and investigations of the olfactory transduction current, will be necessary to 

fully clarify the role of STOML-3 in the regulation of odorant response. 

By whole-cell patch-clamp experiments, we found that SCs from both transition and dorsal zone of 

the mouse MOE showed Ca2+-activated currents when recorded with different amounts of free intracellular 

Ca2+. However, the amplitude of the current was significantly higher in the transition zone, where TMEM16A 

is highly expressed. Ion substitution and pharmacology revealed that the Ca2+- activated current was 

mediated by Cl- ions and that Ani9, a specific inhibitor of TMEM16A, strongly reduced the current. 

Importantly, the Ca2+-activated current was completely abolished in SCs from TMEM16A KO mice, confirming 

that TMEM16A is a necessary component of the Ca2+-activated Cl− currents in olfactory SCs. Finally, we 

showed that the extracellular ATP application induced PLC-regulated intracellular Ca2+ increase in mouse SCs 

that led to the activation of a robust TMEM16A-mediated current.  

SCs play a crucial role in preserving the MOE integrity and functionality (Hegg et al., 2009; Lucero, 

2013; Rafols and Getchell, 1983; Suzuki et al., 1996), and they continuously renovate the mucus layer that 

covers the epithelium (Menco and Farbman, 1985; Menco and Morrison, 2003; Okano and Takagi, 1974), 

regulating its ionic composition and metabolizing toxicants trapped into it (Bannister and Dodson, 1992; 

Getchell, 1986; Trotier, 1998; Vogalis et al., 2005a). For these reasons, we speculate that TMEM16A could 

have a role in the regulation of the Cl- concentration, an important anion involved in the olfactory 

transduction (Dibattista et al., 2017; Kleene, 2008; Li et al., 2018; Reisert and Reingruber, 2019; Schild and 

Restrepo, 1998), in the mucus, and it could modulate the endocytic trafficking in SCs, a necessary step for 
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the mucus detoxification since it is known that TMEM16A controls endocytosis in other epithelia (Asakawa 

et al., 2017; Dahl, 1988; He et al., 2017). Finally, TMEM16A may be involved in the olfactory purinergic 

cascade by increasing the Ca2+ signalling from the intracellular stores in SCs. Indeed, there is evidence that 

TMEM16A interacts with IP3 receptors in nociceptive sensory neurons (Jin et al., 2013), and the Ca2+ release 

from internal stores is disrupted in intestinal crypt cells knocked down for TMEM16A (Schreiber et al., 2015). 

Additional work is required to elucidate the role of the TMEM16A channel in SCs of the MOE and to 

investigate more in detail the scenario depicted above.  

 

The results in this thesis establish the first evidence that STOML-3 modulates the odorant response 

in mice and that TMEM16A channels are functionally expressed in mouse SCs mediating large Cl- currents in 

response to purinergic receptors stimulations with ATP. These works provide the foundation for future 

studies aimed at clarifying the physiological role of STOML-3 and TMEM16A in the olfactory system. 
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